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Appendix 1.1 Spelling of Hawaiian Place Names  
 

Place Name Hawaiian Spelling 
Aihualama ‘Aihualama 
Aimuu Aimuu 
Aiea ‘Aiea 
Ekahanui ‘Ëkahanui 
Eke ‘Eke 
Haelelele Hä‘ele‘ele 
Halawa Hälawa 
Haleauau Hale‘au‘au 
Halona Hälona 
Hawaii Hawai‘i 
Hawaii loa Hawai‘iloa 
Helemano Helemano 
Honokohau Honoköhau 
Honolulu Honolulu 
Honouliuli Honouliuli 
Huliwai Huliwai 
Kaala Ka‘ala 
Kaawa Ka‘awa 
Kaena Ka‘ena 
Kahakuloa Kahakuloa 
Kahaluu Kahalu‘u 
Kahana Kahana 
Kahanahaiki Kahanahäiki 
Kaimuhole Kaimuhole 
Kainawaanui Kainawa‘anui 
Kaiwikoele Kaiwiko‘ele 
Kalena Kalena 
Kaluaa Kalua‘ä 
Kalauao Kalauao 
Kaleleliki Kaleleiki 
Kaluakauila Kaluakauila 
Kaluanui Kaluanui 
Kamaileunu Kamaile‘unu 
Kamananui Kamananui 
Kaipapau Kaipapa‘u 
Kapakahi Kapakahi 
Kapuna Kapuna 
Kauai Kaua‘i 
Kaukonahua  Kaukonahua 
Kaunala Kaunala 
Kawaihapai Kawaihäpai 
Kawailoa Kawailoa 
Kawaiiki  Kawai Iki 
Kawainui Kawai Nui 
Kawaipapa Kawaipapa 
Keaau Kea‘au 
Kealia Keälia 
Keawapilau Keawapilau 
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Keawaula Keawa‘ula 
Kihakapu Kihakapu 
Kipapa Kïpapa 
Koaie Koai‘e 
Koiahi Ko‘iahi 
Koloa Koloa 
Kona Kona 
Konahuanui Könähuanui 
Koolau Ko‘olau 
Kuaokala Kuaokalä 
Laie Lä‘ie 
Lualualei Lualualei 
Lulumahu Lulumahu 
Maakua Ma‘akua 
Maalaea Mä‘alaea 
Mahanaloa Mahanaloa 
Makaha Mäkaha 
Makaleha Makaleha 
Makolelau Mäkolelau 
Makaua Makaua 
Makua Mäkua 
Malaekahana Mälaekahana 
Manana Mänana 
Manoa Mänoa 
Manuka Manukä 
Manuwai Manuwai 
Maunawili Maunawili 
Maunauna Maunauna 
Maui Maui 
Mikilua Mikilua 
Moanalua Moanalua 
Mohiakea Mohiäkea 
Molokai Moloka‘i 
Nanakuli Nänäkuli 
Niu Niu 
Nuuanu Nu‘uanu 
Oahu O‘ahu 
Ohikilolo ‘Öhikilolo 
Ohiaai ‘Öhi‘a‘ai 
Oio ‘Ö‘io 
Opaeula ‘Öpae‘ula 
Paalaa Uka Pa‘ala‘a Uka 
Pahipahialua Pahipahi‘älua 
Pahoa Pähoa 
Pahole Pahole 
Palawai Päläwai 
Palehua Pälehua 
Palikea Palikea 
Palolo Pälolo 
Pamalu Pamalu 
Papali Papali 
Peahinaia Peahinaī‛a 
Pia Pia 
Poamoho Poamoho 
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Pohakea Pöhäkea 
Pualii Puali‘i 
Puhawai Pühäwai 
Pukele Pülele 
Pulee Pule‘ë 
Puuhapapa Pu‘u Häpapa 
Puukailio Pu‘u Ka‘ïlio 
Puukaaumakua Pu‘uka‘aumakua 
Puukainapuaa Pu‘uka‘inapua‘a 
Puukaua Pu‘ukaua 
Puukawiwi Pu‘ukawiwi 
Puukumakalii Pu‘ukümakali‘i 
Puupane Pu‘upane 
Puukanehoa Pu‘ukänehoa 
Puuokona Pu‘uoKona 
Puukeahiakahoe Pu‘ukeahiaKahoe 
Puulu    Puulu 
Waahila Wa‘ahila 
Wahiawa Wahiawä 
Waialae Nui Wai‘alae Nui 
Waialua Waialua 
Waiawa Waiawa 
Waimalu Waimalu 
Waianae Kai Wai‘anae Kai 
Waieli Wai‘eli 
Waihee Waihe‘e 
Waikane Waikapü 
Wailupe Wailupe 
Waimano Waimano 
Waimea Waimea 
Wiliwilinui Wiliwilinui 
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Appendix 1.2 HRPRG Reintroduction Guidelines 
 

Reintroduction Guidelines 
Hawaii Rare Plant Restoration Group 

August 1999 
 
These guidelines deal with the reintroduction of rare plants.  Reintroduction should be a 
supplement to habitat management not a substitute.  The final goal being not the success of an 
individual plant, but the establishment of a viable population where cross-pollination can occur 
and in which genetic variation is maintained.  An intermediate goal may be to establish a 
population for field stock or research reasons.  It is expected that derivatives of the material in 
such field stocks will be outplanted more widely once appropriate habitat is secured and 
stabilized.  These plants can be maintained as sources of seeds, cuttings or transplants for 
reintroduction efforts.  Research activities may be intended to identify what factors are causing 
mortality/decline, to test methods to overcome these factors, or validate planting techniques.  
Ideally, successful research efforts will be permanent outplantings in their own right.  Regardless 
of the intent of the planting, the process of reintroduction should consider the following 
guidelines.  Many of the guidelines require coordination with other committees within the 
Hawaii Rare Plant Restoration Group (HRPRG) as well as with agencies that may be collecting 
and propagating rare species.  Included at the end of these guidelines is a list of contacts who 
may be contacted to consult on reintroductions.  These guidelines have been broken into sections 
guiding actions before during and following the actual transplanting of a plant.  
 

Prior 
1. Prior to the reintroduction of a plant, there are some issues that must be considered to 

ensure the health of the species, the individual transplanted plant and the surrounding 
habitat.  This must include considerations of the reproductive biology of the species to be 
outplanted. 
a) Genetic Stock:  The agency or individual that is reintroducing a plant must 

coordinate with the agencies or individuals responsible for the collection, and 
propagation of the plant.  This must be done to ensure a healthy and balanced 
genetic composition.  In addition, a population geneticist may be consulted about 
strategies and alternatives when dealing with especially rare species or those with 
specific reproductive qualities.  This is, of course, of special concern when 
dealing with depleted wild populations with remnant genetic stock.  It should be 
the shared responsibility of all agencies and individuals involved to leave an easy-
to-follow paper trail back to the source plant  (i.e., Rare Plant Monitoring Form 
(RPMF), greenhouse accession numbers). Reintroduction is the last chance to 
make sure what we are propagating and planting represents a sufficient amount of 
the genetic composition of the species.  Recalcitrant seed-producing plants may 
be taken as cuttings and helped into seeding in a greenhouse to increase the 
overall genetic base of the outplantings.  Plants used in reintroduction should be 
as close to the collected field stock as possible.  Plants that have been in the 
greenhouse for multiple generations may have been selected for different 
conditions than the reintroduction site and may have high attrition rates when 
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planted.  The pollination biology of each species must be researched and 
considered before reintroduction.  Of special concern are pollen dispersal, 
autogamous (capable of self-pollination on a regular basis) and dioecious species, 
using propagules or plants from multiple year collections and mixing populations.  
• When reintroducing a species that is an outcrosser, one must consider the 

method of pollen dispersal.  For example, wind pollinated species need to be 
planted close enough to ensure successful cross-pollination and species which 
require a pollinator must be planted in an area where an appropriate pollinator 
is known to exist.  In a situation where one needs to keep a reintroduced 
population distinct from a wild population the site must be far enough to not 
allow cross-pollination.  How far is enough depends on the method of 
pollination (i.e., wind, insects, and birds). 

• One needs to determine if the species they intend to reintroduce is obligatively 
autogamous.  Obligatively autogamous species tend to have genetically 
similar individuals due to their inability to outcross within a population.  
When collecting propagules for reintroducing an obligatively autogamous 
species, it is important to collect representatives from as many distinct 
populations as possible as opposed to getting representation from many 
individuals in one population as you would for an outcrossing species.  If one 
intends to reintroduce an autogamous species it is important to maintain those 
distinct populations and not mix them when reintroducing.  When 
reintroducing dioecious species one should plant equal numbers of male and 
female plants.  If the plants are not yet mature and cannot be sexed, one 
should plant larger numbers of individuals to increase the effective population 
size. 

• When selecting the plants to be used in reintroduction, one must consider the 
age and year the stock was collected.  Using propagules or plants from 
multiple years ensures better age class representation and possible genetic 
variety of stock.  

• Care should be taken not to mix gene pools that may be distinct and have local 
or microhabitat adaptations.  A site with mixed stock should not be close to a 
population in which you seek to preserve representatives of geographically 
isolated subsets.  

b) Maps:  Prior to the reintroduction of a species, the area should be precisely 
mapped.  Maps should include the historical and present range of the species, 
locations of known populations and proposed outplanting sites.  A GIS database 
can also be used as a permanent record of the source of a particular population 
and to track the propagules.  This will help ensure a genetic balance throughout 
the historical range. 

c) Threat Abatement:  Threats to a population should be noted on the RPMFs used 
to monitor rare species.  An entity involved with reintroduction must obtain 
copies of the RPMF to track the genetic composition of their plants.  As always 
consulting with anyone associated with the monitoring, collection and 
propagation of the species is necessary to get any other information.  A 
management strategy addressing the threats compiled from the RPMFs should be 
in place before plants are reintroduced.  Strategies should include measures to 
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control the most likely threats of ungulates and competition with non-native 
plants.  Management activities must be conducted carefully as to not further 
degrade the habitat for reintroduction.  All threat control techniques can be 
pathways for pathogens and other contaminants and must be executed properly.  
Weeding around an outplanting site may only proceed after careful considerations 
of the intent.  Changing light regimes and soil composition can negatively impact 
the habitat for reintroduced plants.  In addition, threats to an outplanted 
population may be different from those affecting the wild populations.  For 
example, a wild population from which propagules are collected may be fenced 
and weeded but an ideal outplanting site existing off site within historical range 
may not have any management.  Reintroduction should only proceed once a 
management strategy for the site has been established.  

d) Site Selection:  Once the historical range of the species is known and a 
management strategy is established, a suitable site for outplanting within the 
range must be selected.  Again coordination with the collectors and propagators is 
essential.  A site should be chosen according to the biotic and abiotic elements 
that comprise the habitat for the newly transplanted population.  A careful review 
of the RPMFs may provide all the information available on the source population.  
However, before outplanting, an agency or individuals should seek any additional 
information from anyone associated with the monitoring, collection, and 
propagation of the species.  When interpreting historical range, one must consider 
that recent alterations of the habitats may have left the sites inhospitable for 
reintroduction.  Invasion by alien species and other threats may have left the 
habitat within historical range unsuitable due to changes in moisture regimes and 
soil composition.  In such cases reintroduction may be most successful in sites 
outside known historical locations that have maintained the critical biotic and 
abiotic elements necessary for successful reintroduction. 

e) Reintroduction scenario:  Sites for reintroduction can be placed in at least three 
categories each having special considerations.  
i) Reintroduction of a species within historical range: Agencies must 

consider what distinguishes populations from one another for each species 
that is to be outplanted.  The site must be able to support a distinct 
population or one is only augmenting the adjacent population which may 
have different ramifications.  Specific information about the habitat 
characteristics of the source population must be matched as close as 
possible with the outplanting site to provide the best chance for survival.  
This should be done by consulting anyone associated with the collection 
and propagation of the species and referring to the RPMFs. 

ii) Augmentations:  This involves introducing propagules or plants into 
existing wild populations.  This type of reintroduction must be considered 
on a case-by-case basis for each species.  This reintroduction must be 
done carefully as to not harm the existing population with contaminants or 
physically altering the soil structure or existing roots.  Augmentation may 
negatively alter the genetic composition of the population with propagules 
or plants from a single source or ones that have been raised through 
multiple generations in the greenhouse if not carried out strategically.  
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Alternative scenarios are preferred due to the difficulty in ensuring a 
successful reintroduction.  The complex problems involved with 
preventing pathogens from invading the wild population lowers the 
desirability of this option.  It is especially important to contact as many 
individuals or agencies as possible for comments before augmenting a 
population. 

iii) Introduction of a species to a site outside the known historical range: 
Agencies or individuals considering this type of introduction need also to 
consider the possible negative effects on the species.  Establishment of a 
healthy viable population may be hindered by loss of genetic variation 
being at a site away from other populations.  Possible hybridization may 
occur when bringing a species outside its historical range and into the 
range of another related species.  A site outside the known historical range 
may lack the habitat characteristics necessary for establishing a healthy 
population.  Contrarily a site outside of the known historical range of the 
species may be the only place safe from the threats that brought the 
species to the remnant state we find them in today.  In some cases, these 
sites may also offer the best management option for a particular species.  
It is also possible that the historical range is incomplete or no longer 
contain the most appropriate habitat including suitable moisture and soil 
composition. 

f) Site Preparation:  Once a proper site has been selected there are steps the agency 
or individuals can take to prepare it for reintroduction.  In accordance with the 
management strategy for the species and site, it may be initially necessary to 
construct a small-scale exclosure and/or weed non-native competitors around the 
site.  These actions should be taken in concurrence with protection of the greater 
habitat, which is critical to the success of an established population.  The season 
in which to plant must be considered.  Generally, mesic and dry plant species 
would face fewer challenges if planted during a wet season.  If drought conditions 
persist for more than a year, it may be beneficial to wait for a better year if 
storage conditions allow.  Techniques for preparing the soil to receive and support 
a new plant differ depending on the species.  One should consider digging holes 
in advance and composting material on site to provide a favorable substrate.  
Composting materials should come from on-site and ideally be from native 
material.  Soils may also be tested to guide soil preparation and future fertilization 
schemes.  Coordination with the propagators is essential to ensure the fertilization 
and pesticide application schemes used in the greenhouse are adopted in the field.  
A catchment and watering system may also be considered.  

 
During 

2. The successful reintroduction from the greenhouse to the ground requires several issues 
to be taken into account.  
a) Sanitation:  Coordination with the propagator and collector is necessary to ensure 

that all aspects of rare plant handling are done with attention to sanitation.  
Collection should be done with sanitized tools and proper propagation techniques 
practiced to eliminate possible contaminants.  Agencies and individuals involved 
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with reintroduction need to coordinate with the propagator before the date of 
planting to make sure the propagules are prepared to go out.  This may entail use 
of pesticides to ensure no foreign contaminants are transported to the site.  The 
risk of spreading aliens via reintroduction activities must be adequately addressed 
and effectively eliminated.  Seeds, slugs, disease, parasites, flatworms and other 
unintended inoculates must be prevented from being transported to the site by any 
aspect of the operation:  protective management activities, materials, personnel 
and the plants themselves must all be completely free of contaminants.  Care 
should be taken to clean all gear (boots, packs, planting tools, etc.) prior to arrival 
at the site to assure no contaminants are spread unknowingly. 

b) Transport:  Use caution when transporting fragile plants.  Some species may need 
water or protection from the sun and wind during the transport.  The most secure 
place in a vehicle for transporting plants is directly in back of the driver’s seat. 

c) Planting:  Those involved in the planting of rare plants should be briefed before 
heading out to the site.  Agencies and individuals directing reintroduction need to 
consider the techniques to be used in getting the plant from the container to the 
ground.  Of special consideration is the decision to use a fertilizer in addition to 
any on site composting.  In areas of low rainfall initial watering may be essential 
in easing the shock for the new plantings.  Building up a pile of mulch around the 
base of a new plant can help to slow evaporation and keep water near the roots.  A 
layer of cinder an inch thick placed around the base of a new planting can prevent 
slugs from reaching the plant. 

Post 
3. Following the reintroduction, monitoring is essential to maintain the health of the plant 

and the surrounding habitat.  
a) Monitoring:  Coordination with the agency or individual responsible for 

monitoring the existing populations may be necessary to see that a reintroduced 
population gets on a regular monitoring schedule.  It is recommended that the site 
be monitored daily for a week after reintroduction.  This close monitoring will 
insure that if there are problems with pests or other unforeseen threats such as 
drought, they can be addressed before they affect the plants.  Use of the RPMF 
will give important information pertaining to the location, phenology, population 
structure, habitat characteristics and threats to the new population.  Individual 
plants may be labeled or tagged and tracked using the RPMF.  The goal of a 
successful reintroduction is the establishment of a viable population that 
maintains the genetic variability of the species and produces successful offspring.  
Recruitment in the wild is necessary for the reintroduction to be deemed 
successful.  Monitoring a new population is essential to tracking the lineage of the 
population and to maintain local genotypes.  A consistent monitoring schedule 
will also reduce the chance of a contaminant affecting the population or 
surrounding habitat.  Recording the watering, fertilization and pesticide 
application schemes will help guide future reintroductions.  Center for Plant 
Conservation (CPC) is currently working on a database to track safety net species 
including outplantings.  Information on reintroduced populations should be 
transferred into the database.  
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b) Maintenance:  Watering, fertilization and pesticide application may be necessary 
to ensure success.  Supplemental watering especially in dry areas will greatly 
improve chances for a successful reintroduction.    

c) Management:  Actions after reintroduction must be taken in concurrence with a 
habitat management strategy.  Reducing competition for resources with non-
native plants by weeding may be necessary.  A necessary ungulate exclosure may 
require maintenance. 

 
List of Contacts 
Marie Bruegmann, USFWS 541-3441 marie_bruegmann@mail.fws.gov 
Rick Warshauer, USGS   967-7396 rick_warshauer@nbs.gov 
Lyman Perry, DOFAW 974-4381  dofawhi@interpac.net 
Bill Garnett, DOFAW    wiliwili@lava.net 
Kapua Kawelo, USAG-ENV 656-7641 kawelok@schofield-emh.army.mil 
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Appendix 1.3 Plant Propagule Collection Protocols  
 
Note: This document was written for the benefit of the Makua Implementation Plan (MIP) but is 
also applicable for the Oahu Implementation Plan (OIP). It has been reproduced here without 
major modification for those working with the OIP to reference. Two tables, reflecting the OIP 
taxa have been added below (see figures 2C-D). 
 
I. Introduction: Benefits and costs of ex situ samples, and the context of collection 
The ultimate goal of collecting seed or other samples for off site (ex situ) conservation purposes 
is to maximize the long-term survival prospects of these populations (or at least their genetic 
descendants) and species in their native habitats.  Ex situ samples are thus a means to an end: 
continued survival of these rare and threatened species in the wild.   They are also only one part 
of the total effort necessary to conserve these plant populations and species. 
To the degree that samples can be maintained off site in good condition, they:  

1.  Reduce the chance that sampled individuals, populations and species will become 
irrecoverably lost, and  

2.  Provide material for use in reintroduction, research or other management options. 
 
If done appropriately, off site samples can serve to reduce extinction risk.  Collection does have a 
cost, however small or large, in terms of short-term survival prospects of sampled populations, 
and also in lost opportunities with management activities.  These and other considerations must 
be weighed when sampling rare and endangered species for ex situ conservation attention. 
 
 
II. Background : Center for Plant Conservation (CPC) genetic sampling guidelines for 
conservation collections of endangered plants and later developments 
 
The Center for Plant Conservation’s Genetic Sampling for Conservation Collections of 
Endangered Plants (CPC 1991) represent the first comprehensive attempt to create general 
guidelines for conservation collections.  The Australian Network for Plant Conservation (ANPC) 
used the CPC guidelines as a basis for their own guidelines (Touchell et al.1997).  The CPC 
collection guidelines are summarized below and are more thoroughly discussed in Guerrant and 
Pavlik (1998). 
 
In short, the CPC guidelines provide a hierarchical series of questions to consider, and decisions 
to be made (Table 1).  They are:  

1.  Which species should be collected?  
2.  How many populations should be sampled per species? 
3.  How many individuals should be sampled per population? 
4.  How many propagules should be collected from each individual? 

 
When these four questions have been answered, there is another decision required:  Is the desired 
collection level so great that it is harmful to the population, so that sampling should be 
distributed over two or more years? 
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Table 1.  Summary of CPC (1991) Genetic Sampling Guidelines** 
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Factors to Consider 
Target level 
of biological 
organization 

Key Considerations 

Which species should be 
collected? -- -- Degree of 

endangerment Species 
• Potential loss of 
    unique genepool  
 

How many populations 
should be sampled per 
species? 

1-5 50 Degree of gene flow 
among populations 

Ecotype and 
population 

• Degree of genetic          
difference among 
populations 

• Population history 

How many individuals 
should be sampled per 
population? 

1-50 50 
Diversity among 
individuals within 
each population 

Individual 

• ‘Law of diminishing 
returns’ on additional 
samples 

• Genetic communication 
within population 

How many propagules 
should be collected from 
each individual? 

1-20 50 Survivability of 
propagules Allele 

• Survivability of 
propagules  

• Long term use of 
collection 

** One additional question/decision has been added (which community/habitat), along with alternative benchmark 
values recommended by Brown and Marshall (1995). 
 
A growing consensus appears to be forming among those in the ex situ conservation community 
that, while the general framework is very useful, the recommended ranges for collection may 
seriously underestimate what is needed.  There are two main reasons why this might be.  One is 
that recent estimates of what constitutes a Minimum Viable Population are dramatically greater 
than earlier estimates, perhaps by an order of magnitude (Lande 1995, Lynch et al. 1995).  The 
other stems from a combination of a greater appreciation of how difficult our basic tasks are, and 
how much uncertainty is involved in all steps of the process.  From collecting a genetically 
representative sample, through maintaining it for long periods of time, and, finally, using those 
samples to establish new populations genetically comparable to those from which the propagules 
were collected are all more challenging than originally thought.  
 
Brown and Marshall (1995) suggested that the objective should be to include in the sample at 
least one copy of 95% of the alleles that occurred in the large population at frequencies greater 
than 0.05 (5%).  They note that either increasing certainty level over 95%, or dropping the 
critical allele frequency below 0.05 drastically increases sample size with only marginal gains.  
They provide what they call benchmark guidelines, which call for sampling 50 seeds each from 
50 individuals per population, in 50 populations per ecogeographic portion of each species 
sampled.  Clearly, this is far greater collection pressure than most if not all rare taxa can support, 
but it does provide a ‘default’ target to be adjusted for each species of interest, and the purposes 
for which collections are being made.  
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The original CPC recommended ranges were designed to describe how many propagules would 
be required to capture a genetic representative sample.  It did not sufficiently reflect what 
additional material might be needed to learn how to germinate/propagate a species to compensate 
for possible attrition during storage, or losses during reintroduction itself.  Thus, these are 
MINIMUM estimates of what should survive AFTER all these other factors are taken into 
consideration.  Beyond that, the purpose for which a collection is being made will affect the 
appropriate sample size. 
 
 
III.  Overview:  A process for arriving at an appropriate sample size 
 
A complex and bewildering network of interconnected factors must be considered in the process 
of arriving at an appropriate sample size for a conservation collection of an endangered plant 
species.  One way to organize the network is to view it as basically a two step process, which is 
driven by two independent classes of factors both of which feed into an evaluation cycle (Figure 
1).  
 
The major classes of input factors are, 1) the taxon being considered, and 2) the purposes for 
which samples are to be used.  The choice of a taxon determines both the sampling universe (i.e. 
how many populations are known and how large are they?), and also strongly influences the type 
of propagules that can be used.  The other major driver concerns the various purposes that an ex 
situ collection is intended to serve.  With the taxon and purposes in place, initial sample size 
estimates can then be made.  However, not all propagules collected can reasonably be expected 
to survive in good condition during the period of time between collection and successful use.  
Therefore, sufficient additional propagules will be needed to mitigate expected attrition and 
revised estimates made.  Taking attrition into consideration, the revised sample size estimates are 
then evaluated for their potential impact on the sampled population.  If the estimated impact is 
judged too great, then this additional factor is added to the sum of inputs, opportunities and 
constraints, and the process of evaluating needs and impact is repeated.  Only when the 
perceived benefit of collection is judged to be sufficiently high, and the impact on the sampled 
population sufficiently low, is a final sample size determined. 
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Figure 1. Conceptual flow chart illustrating how collection size decisions might be made.  Illustrated are two major 
input factors, the choice of taxa with which to work, and the purposes that collections are intended to serve.  The 
information about taxa and purposes together are fed into an evaluation cycle that considers attrition to collections 
while off site, and the potential impact on sampled populations.  If the impact is judged to be too great, then the 
evaluation cycle is repeated until the impact is judged acceptable. 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

 
 

A. Inputs 
 
There are two main groups of factors that drive the process: The choice of taxa with which to 
work, and the purposes for which collections are intended to serve (Figure 1).  Each of these two 
primary drivers has associated opportunities and constraints that flow from them. 
 

1. Choice of taxa 
 

The CPC guidelines focus attention on degree of endangerment, and the potential for loss of 
unique genepools as primary determinates of which taxa are chosen for ex situ treatment.  The 
taxa for which ex situ treatment in the Makua and Oahu projects is considered necessary have 
already been chosen, so these guidelines will not address the choice of taxa as such.   
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The choice of a taxon establishes two sets of opportunities and constraints.  One is the sampling 
universe: how many populations of that taxon are known, and how large are they?  The other 
concerns our ability to work with the taxon both horticulturally and for storage purposes: are 
seeds an option, and if so, how well and economically can they be stored for long periods of 
time, or must vegetative material be used? 

 
a) Sampling universe: How many populations are known, how large are they, 
and in what condition and management context are they found? 

 
It is one thing to have an ideal target range for propagules to collect, but the actual optimal 
number to be taken is subject to many influences, such as population number, size and trend.  
 
Figure 2 provides a comparison between the MIP and OIP population number and distribution 
based on the U.S. Fish and Wildlife Service (USFWS) categories of population number and size 
distributions.  
 
Figure 2.  Population number (A, C), and size (B, D) distributions (by USFWS size categories) for MIP and OIP 
taxa. 
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Clearly, the suite of taxa with which the Makua project is concerned are extremely rare, often 
comprised of very few occurrences of very few individuals. For the Makua target taxa the 
greatest number of species fall within the 2-5 PU category and the highest number of PUs fall 
within the 2-10 indiviudals sizecategory. Comparatively, the Oahu IP taxa appear to have a 
slightly different level of rarity. For the Oahu taxa many taxa also fall within the 2-5, and 6-10 
PU categories, though there is also a large number of taxa with 11-20 PUs. This may be due to 
the higher percentage of intact habitat available to the OIP species. Though, some species in the 
OIP, particularly the Waianae taxa, are just as rare as many MIP taxa. Additionally, both the 
Makua and Oahu projects have several populations comprised of less than 20 individudals. With 
both the MIP and OIP taxa having the many populations with less than 10 individuals. 
 
For as grim as these population size figures are, they may seriously over state the number of 
individuals from which seeds can be gathered.  Seeds can only be gathered from successfully 
reproducing plants, and not all plants in a population are reproductive. 
Recommendations:  For species with 50 or fewer populations, collect from all known sites, or 
at least as many as is possible.  For species with greater than 50 populations, collect from as 
many as possible, up to a total of 50.  For populations with 50 or fewer individuals, collect 
from all known individuals; for populations with greater than 50 individuals, collect from 50. 
  
The ultimate number of populations sampled per taxon is constrained by many factors:  our 
ability to store them in good condition until they might be needed, the available resources, and 
the large number of other taxa that must be taken into consideration.  Rather than get a 
‘complete’ sample of any one species before moving on to the next, it is necessary to work with 
many species simultaneously.  As a consequence, collection resources will probably spread 
strategically over many taxa simultaneously.  The challenge becomes less of getting a fully 
adequate sample of one taxon before moving on, but getting as many samples as possible of the 
most critically endangered taxa first, and then gradually filling out the collections over time.  
Such a strategy of working with many taxa concurrently will spread collection pressure on any 
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particular taxon over more time, which will help spread collection pressure on any one entity 
over more time. 
 

b) Propagule types: Seeds and/or vegetative material? 
 
Not only does the choice of taxa establish the sampling universe of populations and numbers of 
individuals with which there are to work, but also strongly influences the applicable range of 
horticultural and other options with which there are to work.  With respect to long-term storage, 
those taxa with orthodox seeds offer the easiest, and most effective and economic options.  For 
those species with recalcitrant seeds, off site samples may have to be maintained as growing 
collections.  The relative impact on sampled populations is another factor to consider, and again, 
seeds are preferable to removing vegetative material.   
 
Removal of seeds is considered less damaging demographically than removing vegetative plant 
parts.  This conclusion is based on demographic modeling by Dr. Eric Menges (1992), in which 
he wrote, “The threat posed to population survival by environmental variation appeared almost 
entirely due to variation in mortality, growth and reproduction status and not to variation in 
reproductive output.”  While seed collection increases environmental variation in reproductive 
output, taking cuttings increases the variation in growth rate and possibly mortality. 
 
Thus, if there is a choice of propagule type (seeds vs. cuttings) – and seeds can be stored alive 
for long periods of time - it is generally better on the sampled plants and populations to take 
seeds.  But, this is not always possible. 

 
The seeds of the vast majority of species fall into one of two relatively discrete categories of seed 
storage behavior:  orthodox or recalcitrant.  Orthodox seeds can survive drying to such low 
moisture contents that there is no liquid water left to form ice crystals, and therefore, can be 
stored at temperatures below freezing without damage.  Recalcitrant seeds cannot survive at such 
low moisture contents, and cannot, therefore, readily be stored at subfreezing temperatures.   
 
Orthodox seeds can generally be stored alive for ‘long’ periods of time (decades or longer?) 
without suffering ‘significant’ ill effects.  Recalcitrant seeds are generally very short lived, and 
cannot be stored off site without labor and resource intensive ‘heroic’ effort. 
 
Recent work by Dr. Christina Walters (USDA National Seed Storage Laboratory, Ft. Collins, 
CO) and Alvin Yoshinaga (University of Hawaii) has shown that a large fraction of Hawaiian 
native plants have orthodox seeds.  A summary for the Oahu target taxa tested and their results 
can be found in Appendix 1.3: CCRT Seed Storage Summary.  
 
Recalcitrant seeded species, and those with other problems, pose greater challenges for off site 
storage. Unlike seed collection, cuttings reduce the photosynthetic capital of the plant to some 
degree, and subjects a plant to invasion by pathogens.  Nevertheless, the material obtained can be 
maintained and proliferated in tissue culture, and can have significant conservation value.   

 
In some cases, cuttings might be the only option.  Flueggea neowawrea, for example, sets little 
seed and the few remaining plants suffer from chronic twig borer infestation; a problem for 
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which there is currently no sure cure.  Flueggea and other taxa threatened by twig borers might 
be good candidates for cryogenic storage of short segments of stem-with-a-bud.  A relatively 
new technique has been developed for use with fruit trees in which a short segment of stem 
having a bud is maintained at liquid nitrogen temperatures.  These samples are being used as an 
alternative to maintaining apple and pear varieties in an orchard setting.  If borer-free shoots can 
be found, this might be a way to preserve these species off site until the invasive twig borers can 
be eliminated.   
 

2. Purpose of collection 
 

Along with the choice of taxa, the purposes for which a collection is being made is the second 
major determinant of sample size and density.  At one extreme, some purposes, such as obtaining 
material to learn how to germinate and propagate plants or to determine their seed storage 
behavior, may require very little material to be gathered without much regard to its genetic make 
up.  At another extreme, some purposes, such as salvaging what can be obtained from a doomed 
population for use in storage and reintroduction, may require that large samples be taken from 
every individual. 
 
Note that it is not always necessary to collect additional material from the field.  Suitable 
material (seeds, growing plants, or plant parts) may be available from other sources, such as 
existing samples in seed banks, in vitro cultures, or various cultivated sources.  Where available 
and appropriate, material already stored off site should be used before new collections are made 
from wild populations, as long as the stored material is used for research or propagation/storage 
testing, or is not more than one generation removed from the wild population.  

  
a) Develop protocols: Germination, propagation, seed-storage behavior, and/or 
reintroduction 

 
Given the potential negative impact of collection on sampled populations, it is risky to collect 
material in volume before methods are available to use it well.  In practice, there are taxa and 
situations, however, where the threat of extirpation in the wild is so high that more extreme 
measures might be justified.  There appears to have been relatively little discussion in the 
conservation community of how to proceed in such extreme circumstances.   

 
In general, there is rarely reason to think that different populations of a taxon would have 
significantly different germination, propagation requirements, and/or seed storage behavior.  
Therefore, there is no need for a statistically representative sample, as there is, for example, for 
storage or reintroduction.  Thus, samples for these purposes should be taken from sources that 
will be least likely to harm survival prospects in the wild.  In other words, obtain seeds (and/or 
cuttings) from the largest and/or most secure (or at least most dispensable) sources known.  
Seeds from properly identified and documented cultivated specimens are generally acceptable 
for these purposes.  It may also be possible to minimize collection pressure by doing pilot work 
on closely related but more common congeners. 

 
Absolute amounts will depend on whether standard horticultural or in vitro (tissue culture) 
techniques are used, or both. 
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Recommendation: For developing germination and propagation protocols, and determining 
seed storage behavior, begin with seeds derived from ex situ plants (whenever possible) or 
minimal collections from the most secure populations.  Determine actual sample sizes in 
consultation with those who will be working with the material.  Where possible and prudent, 
begin with very small samples, especially if the probability of early success is low. 
 
Reintroduction, including augmentation, is not a simple one-size-fits-all procedure.  Insofar as 
appropriate material is already being stored off site, it should where appropriate be used before 
new collections are made.  Actual sample sizes will depend heavily on the questions being asked 
of the experiment(s), and other aspects of the reintroduction plan being considered. 
 
Recommendation:  For developing reintroduction protocols, begin with the smallest 
collections necessary to address the questions being posed in the experimental reintroductions. 
 
Our ability to work with the species successfully will also influence sample size.  Are seeds an 
option for storage, or must growing plants be used?  
 

b) Ex situ conservation purposes 
 

(1) Seed storage (in seed bank)  
 
As a hedge against catastrophic loss in wild populations, and to provide material for 
reintroduction and other uses, collect and maintain off site as large and genetically representative 
and diverse an array of genotypes as possible without unduly compromising sampled 
populations.  This is clearly easiest and most economical to do for taxa with long-lived orthodox 
seeds, which can be stored for long periods of time in standard (i.e., –20ºC) seed bank facilities.  
The numbers and genetic diversity of these collections will, of course, be strongly influenced by 
the number and size of extant populations from which to collect. 

 
The numbers required for storage depend greatly on what purposes the stored seeds are intended 
to serve.  Should an off site collection be expected to support a single reintroduction attempt, 
two, or ten?  Are there other purposes, such as unanticipated scientific research efforts, that an 
off site collection might be expected to support?   

 
For those taxa with recalcitrant seeds, a few may be able to be stored under cryogenic conditions 
(e.g., liquid nitrogen temperatures, approaching –200ºC).  The expertise and facilities necessary 
to store recalcitrant seeds are much more limited than for orthodox seeds.  As a practical matter, 
off site collections of many recalcitrant seeded species will need to be maintained as growing 
plants.  
 
Recommendation: Begin calculations with generic Benchmark Guidelines for storage offsite 
of wild collected material (50 populations, 50 individuals/population, and 50 
propagules/individual), and from that subtract or add depending on a variety of factors: 
purpose, sampling universe, our ability to germinate, grow and store seed, and to support and 
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sustain any intended reintroduction back into natural areas and sustain in the face of 
expected attrition. 
 

(2) Ex situ storage using cultivation of growing plants  
 
In certain cases where there is an immediate and severe risk of extirpation of a population (from 
fire, ungulate threat, etc.) and it isn't possible to collect enough seeds, living tissue may be 
collected to increase genetic diversity of ex situ stock.  For small populations, there should be 
enough off-site plants in living collections or inter-situ populations to represent the genetic 
diversity of the wild populations, which may be used to provide adequate additional seed stock 
for reintroduction, augmentation, or storage. 

 
A wide range of activities is encompassed by this category.  At one extreme are small specimen 
collections maintained in botanic gardens, the conservation value of which, other than for 
education, is extremely limited.  At the other extreme are medium to large-scale plantings 
maintained in semi-cultivated to semi-wild conditions.  These have variously been called inter 
situ collections or field gene banks.  
 
Relative to stored seed, the cost to maintain growing plants is much greater, and the probability 
of successfully perpetuating the genetic integrity of stored material is much less.  Once the 
infrastructure is in place, large numbers of seed can be stored in a seed bank at relatively low 
actual cost, and very low marginal cost.  The genetic integrity of stored samples is probably 
generally much greater than for population samples maintained as growing plants.   
 
This is thought to be true for several reasons.  The expected longevity of stored seed is generally 
much greater than for growing plants.  Assuming proper seed storage facilities and techniques 
are available, both the absolute and relative cost of maintaining the original genetic array of a 
collection is much less for seeds than for growing plants.  It is extremely difficult, if not 
impossible, to provide habitats off site that are sufficiently similar to those experienced in the 
wild, so as to avoid artificial selection.  In addition to the deleterious genetic effects resulting 
from random genetic drift due to small population sizes, the genetic adaptiveness of growing 
samples is expected to deteriorate much faster than in dormant seed collections.  Finally, there 
are phytosanitary and related considerations that need to be considered for growing plants, which 
do not affect stored seed. 
 
Recommendation: For collections that must be maintained as growing plants, the limit is set 
more by the practical ability to handle a species, so numbers will generally be lower than for 
seed storage. 

(3) Reintroduction, augmentation 
 
Sample sizes necessary to support actual reintroductions and/or augmentations can vary widely.  
In general, the larger the founding population, the greater will be the chance of it surviving to 
become an established, self-sustaining population (Guerrant 1996).  Not all reintroduction 
attempts will succeed, even for those species for which protocols have been established 
empirically.  The number of reintroduction attempts and their geographic limitations that a 
collection is intended to support will also greatly affect the sample size required. 
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Recommendation:  Collect from as large and diverse an array of suitable founders as seems 
prudent, given the sampling universe with which there is to work, and the ability to maintain 
the material off site between the time of collection and use. 
 

(4) Other--including scientific research, education, interpretation, etc. 
 
The sample sizes necessary to satisfy these uses are so idiosyncratic that no general 
recommendations seem possible.   
 
Recommendation: Collection for these purposes should be evaluated in light of the estimated 
conservation or other value to the species, and the cumulative impact of all collection activities 
anticipated for those species and populations. 
 

B. Evaluation cycle 
 
Sample sizes indicated by the above factors need to be evaluated in light of the following 
potentially significant factors that may indicate sample sizes larger or smaller than originally 
indicated. 
 
Recall that the ultimate purpose of ex situ collections is to enhance the survival of sampled 
populations, so a positive balance must be struck between the potential benefits and costs of 
collection.  The next step in the process (Figure 1) is to reconcile the potential benefits and costs, 
to the benefit of the species. 
 
With the choice of taxa and collection purposes, initial estimates of sample sizes can be made.  
Additional material must be added to these preliminary estimates to compensate for expected 
attrition between collection and use.  If the potential impact of the total collection size on 
sampled populations is judged too great, then this information is added to the mix.  The cycle of 
evaluation is repeated until a reasonable balance is found with what we think can be 
accomplished without unduly harming the sampled populations. 
 

1. Sources of attrition in ex situ collections, between collection and successful 
establishment 

 
It is one thing to collect a genetically representative population sample and quite another to have 
sufficient and appropriate material available to establish a new, genetically comparable 
population if and when it becomes necessary.  There are many steps along the way in which 
mortality and other losses can occur, both in terms of sheer numbers and in genetic diversity.  In 
this section, we will consider various sources of attrition, what it takes to monitor them, and how 
losses can be mitigated. 
 

a) Survivorship and genetic change in collections  
 
Perhaps the most basic source of loss is due to mortality during off site storage.  There may be 
large differences in mortality rates among different propagule types and different taxa within a 
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propagule type.  Off site collections that must be stored as growing plants present a much more 
formidable challenge than those that can be stored as dried and frozen seed, and those stored as 
in vitro cultures are presumably somewhere in between. 
 
There are several reasons why growing plants off site for conservation purposes is less desirable 
than storing them as seeds or as in vitro cultures, not the least of which are the resources required 
to maintain a given number of plants over a long period of time.  First, to avoid the genetic losses 
and other changes that are likely to occur when population sizes are small, a large number of 
plants must be grown for, perhaps, many generations.  The amount of space, man-power and 
other resources that must be expended to maintain just one population of one species is daunting 
indeed.  If this were not problem enough, growing plants off site will inevitably subject them to a 
selective environment different than that in which they evolved, thus eroding their ability to 
survive when their descendants are used for reintroduction back into the wild.  The most extreme 
illustration of this phenomenon is where plants grown off site under conditions sufficiently 
different than their native habitats cannot survive when returned to their native habitats.  While 
this might seem fanciful to some, it or something close to it happened when the attempt was 
made to reintroduce to Tenerife, in the Canary Islands, a long established line of Lotus 
berthelotii that had been grown in Europe.  The plants all died in the nursery on Gran Canaria, 
apparently as a result of the higher temperatures there than where they had been grown (Maunder 
and Bramwell pers. comm.).  Another less extreme but still telling example is that of Amsinckia 
grandiflora (Pavlik et al. 1993, Pavlik 1995), in which plants were grown at the University of 
California at Davis in what would seem to be very similar conditions to, and within a few miles 
of, their native habitat.  Electrophoretic analysis of seeds collected twenty years before and held 
in storage indicated relatively low genetic diversity, but seeds derived from plants grown off site 
for just a couple of generations showed even less.  Although the plants were large and vigorous 
when grown off site, the pin/thrum ratio of this heterostylous plant was very different in 
cultivation than it was in the donor population.  This suggests that plants derived from seeds 
grown off site might be less fit when reintroduced than those that had not.  Finally, sanitation 
issues – keeping reintroductions from being a vehicle for introducing pests, pathogens, and 
weeds into the wild – are most acute when plants are grown off site; the danger of picking up 
pests and pathogens increases with time in off site cultivation. 
 
Taxa with orthodox seeds are at the other extreme, where large samples can be in frozen storage 
for long periods of time with little maintenance and at a relatively low marginal cost.  Seeds of 
some taxa can presumably be stored for decades, even centuries, with little mortality.  We aren’t 
aware of information about the degree to which mortality in seeds banks is selective or random.    
 
Recommendation: Monitor survivorship and health of off site growing collections and respond 
appropriately.  The emphasis should be on improving cultural conditions rather than 
additional collection. 
 

b) Monitoring survival rates of stored seed 
 
Although potential mortality rates appear to be quite low in stored seed, survival must 
nevertheless be monitored.  The only sure way to do this is to attempt to germinate samples when 
they enter the seed bank, and periodically thereafter.  This is not as simple as it might seem.  
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First, it is necessary to know how best to germinate the sampled population (Baskin and Baskin 
1998).  While germination requirements are often thought to be species specific, there are 
examples where germination requirements, at least of widespread species, may differ 
significantly among populations (e.g., Meyer 1992).  Once a suitable protocol is established, it is 
necessary to subject different seed batches to comparable conditions in order to assess changes in 
germinability over time.  Otherwise, germination rate differences might be due to environmental 
causes.  This will presumably require the use of controlled environment chambers, as ambient 
outdoor conditions are not sufficiently similar between years. 

 
Interpreting the results of comparisons between different trials is the next hurdle to overcome.  
While the magnitude of what constitutes a significant decline is a subjective decision, it is 
possible to analyze sample sizes necessary to detect a given decline.  In their Guidelines for the 
Maintenance of Orthodox Seeds, the CPC (Weiland 1995) suggest a 15% decline as a reasonable 
threshold to trigger action (either recollection, or a grow-out).   
 
Ideally, the results of statistical tests on seed samples to determine if there has been germinability 
decline accurately reflect the true condition of the seed lot.  However, it is possible, due to 
chance alone, that our tests will indicate a decline when, in fact, there is none.  This is a Type I, 
or False Change Error, and the probability of making it can be considered the significance of the 
test.  Designated α, this is the p-value commonly cited when a difference is found.  
Alternatively, and again due to chance alone, a test may fail to indicate a decline when, in fact 
there has been one.  This is known as a Type II, or Missed Change Error, and our ability to avoid 
it is known as the power of a test.  In other words, the power of a test is a measure of how likely 
our test is to detect a given decline, if there really is one.  It is, of course, easier to detect a large 
decline than a small one, so it is necessary to designate the minimum detectable change when 
specifying the power of a test.  There is no single sample size necessary to detect a given decline.  
Sample size varies, among other things, according to how tolerant you are of making the two 
kinds of errors.  This is a subjective decision that involves tradeoffs.  As the desired significance 
of a test increases, power declines.    
 
The sample size necessary to detect a given decline also varies with the initial germinability of a 
seed lot.  Figures 3-6 illustrate the differing relationships of statistical power as a function of 
sample size differences when initial germinability is either 90% or 50%, and the desired 
significance of the tests are either p=0.1 or p=0.01.  There are three patterns to note.  First, power 
increases dramatically as minimum detectable difference increases.  Second, to detect a given 
decline for a given sample size, statistical power is greater if initial germination rate is 90% 
rather than 50%.  Tests are least sensitive when the initial germinability is 50%, and more 
sensitive toward either extreme.  Third, note the increase in statistical power associated with a 
greater tolerance for making a False Change Error (where α=p=0.1 versus α=p=0.01).  Sample 
sizes refer to the number of seed used in each test, not the sum of two or more tests. 
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This method of analysis presents several dilemmas.  One is that we must choose sample size 
before we know what the initial germination fraction is.  Pilot studies are helpful, but use 
additional seed.  Given the rather large sample sizes often needed to detect changes of a 
magnitude we might like, we simply will not have (or be willing to use) sufficient seed to be able 
to monitor a collection as closely as we might like.  This sobering fact is especially true when 
seeds from each maternal parent are maintained separately – which is definitely preferred over 
bulk collections.  This raises a policy choice about how precisely we can know the status of a 
collection.  Resolution of this basic dilemma awaits further discussion in the conservation 
community.  Nevertheless, even small samples can provide meaningful (if not very precise) 
information about the viability and longevity of a seed stock. 
 
Recommendation: Unless very large samples are available, it is unlikely there will be sufficient 
seed to monitor viability with any high degree of precision. 
 

c) Demographic costs of reintroduction: Modeling ‘expected’ attrition using 
empirical demographic data 

 
Population size targets, often specifying numbers of mature plants, are indicated in 
reintroduction plans for each project.  While it is not reasonable to expect that all propagules 
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Fig. 4 Chi-square Test of Proportions (Two tailed test)
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Fig 5.  Chi-square Test of Proportions (Two tailed test)
Higher = 0.5, alpha or p = 0.01

0

0.1

0.2

0.3

0.4

0.5

0.6

0.7

0.8

0.9

1

0 25 50 75 100 125 150 175 200

Sample Size

Po
w

er

0.4

0.3

0.2

0.1

0.05

Lower 
Proportion

 Fig. 6. Chi-square Test of Proportions (Two tailed test)
Higher =  0.5 , alpha or p =  0.10 
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planted will survive to reproduce, what is a reasonable expectation?  In order to estimate the 
range of post-planting decline in population size that might be expected during reintroduction, 
Guerrant and Fiedler (2003) used empirically derived stage-based transition matrices for a 
variety of life histories from the literature as a basis for stochastic modeling.  

 
They found, not surprisingly, that the demographic cost during reintroduction can be substantial.  
In the most extreme case, an outplanting of 1,000 Panax seedlings would, on average, drop to 
just 15 individuals within three years before the simulated populations began to rise.  But, of 
course, many simulated runs ended with extirpation before any increase could begin.  If the 
newly established populations are to have anything like the genetic diversity of the ones from 
which the founders were collected, expected losses during reintroduction must be accounted for 
in the original collection.  These data are, of course, simulated results based on wild populations 
with positive growth rates.  One assumption of these models is that outplanted individuals will 
behave demographically identically to naturally occurring plants, which is probably optimistic.  
Another assumption of the models is that the series of years for which data were gathered in the 
field accurately reflect what will happen during a reintroduction.  Presumably there will be many 
stochastic environmental effects that cannot be anticipated, but which will affect establishment.  
Using similar techniques and comparable seed supplies (planted in the field near where they 
were collected the year they were collected) a series of 27 field germination and seedling 
establishment trials of Erythronium elegans set out yearly with fresh seed each year over a 5-
year period spanned the range from 0-94% establishment (Guerrant 1999).  Clearly, attrition can 
be high, and vary greatly among different years.   
 
The implications for collection guidelines to support even one reintroduction attempt are 
daunting.  To compensate for expected losses of these magnitudes suggests that sample sizes 
might need to be one or two orders of magnitude greater than current suggestions.  
Unfortunately, such collections either may be too great for sampled populations to bear, or 
prohibitively expensive in time and other resources needed to collect, store and monitor.  In 
addition to increased sample sizes, other ways to compensate for potential losses associated with 
reintroduction must be explored. 

 
One such alternative is to use larger founding individuals, which might be expected to have 
greater survivorship than smaller founders.  So, too, any post-planting care that can be provided 
to increase survivorship of the founding individuals should also reduce the sample size 
requirements. 

 
Recommendations: Start with an estimate of desired numbers surviving to reproduction, and 
then account for expected losses during establishment.  Maintaining backup clonal material 
can mitigate some of these losses.  
 

2. What is the effect of collection on extinction risk of sampled population?   
 

The ultimate purpose of ex situ collections is to enhance the long-term survival prospects of 
sampled populations.  Thus, for collection itself to harm the sampled population in the short-term 
is generally to be avoided.  However, even in the absence of collection, at what point does the 
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short-term risk of extinction become so great that sampling at a rate that is harmful becomes 
justified? 
 

a) General condition: Minimum risk to sampled population 
 

The final question posed by the CPC genetic sampling guidelines was the least developed:  What 
level of collection necessitates a multi-year collection strategy?  Eric Menges, Samara Hamzé 
and Ed Guerrant have recently addressed this question with a computer simulation study.   
 
The following paragraphs are the abstract for the manuscript, which is currently in review (and 
thus subject to change):   
 
“Seeds are widely considered to be the propagule of choice for ex situ conservation collections 
elative to cuttings or transplants, seeds can easily be collected in large numbers and stored alive 
for long periods of time; their harvest is thought to be the least damaging to the sampled 
populations.  

  
“Guidelines for amounts and timing of seed harvests, however, have not been grounded in 
demographic data or projections.  We examined the demographic consequences of 36 patterns of 
seed harvests: 10, 50, and 100% of fecundity for 10, 50, and 90% of years, on populations of 10, 
50, 100, and 500 plants.  We compared these results to no-harvest scenarios with the same four 
initial population sizes.  We used published projection matrices from about two dozen plant 
species encompassing a range of life forms.  We modeled using stochastic simulations, 
alternating projection matrices representing different years and different harvesting intensities.  
For each species, we examined 40 combinations of conditions in 1,000 replicate simulations for 
100 years each and we calculated the proportion of replicates becoming extinct. 

 
“Species differed in sensitivity to seed harvest, with long-lived species, especially woody plants, 
being least sensitive.  Populations of 500 or more were not harmed except by complete harvests 
for half or more of all years.  Small populations of ten were harmed by less complete harvesting, 
but sensitivity varied widely by species.  

 
“Our modeling suggests three seed harvest rules: 
 
1. Harvesting 10% of seeds in 10% of years (or less) is generally safe. 
2. Harvesting 50% of seeds in 50% of years (or more) is generally unsafe. 
3. Less intense, frequent harvests are safer than more-intense, infrequent harvests. 

 
Although these analyses encompass many mathematical, biological, and sociological 
assumptions, they suggest that prudent seed harvesting will not have significant short-term 
demographic effects.” 

 
Recommendation: Less intense, frequent harvests are expected to have less of an impact on 
sampled populations than more-intense, infrequent harvests.  To the degree possible, spread 
collection out over two or more years, especially for small populations. 
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b) Special case: intentionally collect enough to cause short-term risk to sampled 
population 

 
As stated in the first section, given the potential negative impact of collection on sampled 
populations, it is risky to collect material in volume before methods are available to use it well.  
In practice, there are taxa and situations, however, where the threat of extirpation in the wild is 
so high that more extreme measures might be justified; situations in which it might be necessary 
to act sooner rather than later. 

 
The Makua IT must deal with many species that are so extremely rare and/or endangered that 
“we may not be able to safely wait until we get the propagation and genetic storage procedures 
worked out” (Bruegmann and Jacobi, pers. comm.). The same is true of some OIP species. 
However, the OIP target taxa have already benefited from the massive effort underway for the 
Makua IP. Through the MIP, collection effort the knowledge base regarding phenology, 
propagation, and germination of multiple genera and species has increased significantly.  
 
Note that the minimum population size Menges et al. (2003) modeled was 10 individuals.  Part 
of our reasoning is the belief that populations this small and especially smaller are inherently 
threatened with extinction, due simply to chance.  In the manuscript, Menges et al. noted that 
declining populations represent special cases, where other considerations might become 
important.  If a population is in decline and sliding toward extirpation anyway, collection did not 
affect the end result – extirpation - just the timing.  In such cases, the potential benefits of 
collection must be weighed against the additional pressure of collection on extinction risk.  
Another area not covered directly in the models concerns very small and other populations where 
the probability of extirpation in the foreseeable future due to random factors is so high, that 
additional risk of ‘rescue’ collections might be of conservation value.  Many of the very small 
populations managed through MIP and OIP probably fall into this category. 
 
The question arises then of what to do with very small or other populations you have reason to 
think are particularly susceptible to extirpation in the near to medium term (say 5-25 years).  
 
While it is always best to keep in mind the dictum – Do No Harm - it may be necessary in some 
situations to collect so much material that collection itself becomes a serious threat to the 
sampled wild population, at least in the short term.  The effort to recover the California Condor – 
which is highly endangered even by Hawaii standards - is a case in point.  ALL wild birds were 
captured, thus driving the species to ‘extinction in the wild’ – at least temporarily.  These birds 
were and are being used in a captive-breeding program, and the goal is to release many more 
individuals into the wild (and in more areas than just the collection sites) than were removed.  
Thus, we may find ourselves in the uncomfortable position of ‘destroying’ something in order to 
save it. 
 
Recommendation:  For populations of species with low numbers overall, that have 10 or fewer 
reproductive individuals and a poor history of recruitment, or a population known to be in 
precipitous decline, collect 20-100% of seed at the discretion of the permitted collector.   Such 
collection levels assume, of course, that adequate facilities and procedures are available to 
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care for the material, and that such collections are part of a more inclusive strategy.  For 
those situations in which germination, propagation, or seed storage methods are not yet 
available, it may be necessary to collect some material to better ensure the continued existence 
of the species or populations in question.  
   

C. Final collection guidelines considering the above factors 
 
To determine the sample sizes that must be collected, use the accompanying worksheets (Tables 
2 and 3) to clarify how much is needed for all purposes that are intended to be served, and how 
much suitable material is in off site collections already.  
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Genetic Sampling Guidelines Worksheet: Preliminary Estimates   Taxon ___________________________________ 
Population 

For each population indicate name and  number of mature and juveniles above preliminary target numbers for collection. 
 

Page __ of ___ 
     

Mat Juv Mat Juv Mat Juv Mat Juv Mat Juv  
Purpose of Collection Indiv 

 
 

Prop 
/indiv 

Tot 
Prop 

Indiv 
 
 

Prop 
/indiv 

Tot 
Prop 

Indiv 
 
 

Prop 
/indiv 

Tot 
Prop 

Indiv 
 
 

Prop 
/indiv 

Tot 
Prop 

Indiv 
 
 

Prop 
/indiv 

Tot 
Prop 

To develop protocols                
  Germination                 
  Propagation (standard Hort. proc.)                
  Propagation (in vitro)                
  Seed Storage Behavior                
                
Ex situ storage                
  Orthodox Seed                
      Attrition (rate)                
  Recalcitrant Seed                
      Attrition (rate)                
  In vitro slow growth                
      Attrition (rate)                
  In Cultivation                
       Attrition (rate)                
                
Reintroduction                 
  Attrition rate (inc. demog. cost)                
Augmentation                
  Attrition rate (inc. demog. cost)                
                
Other                
Is multi-year collection plan 
indicated? 

               

 2 
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Genetic Sampling Guidelines Worksheet: Page 2    Taxon ___________________________________ 
 4 

Sampling Universe 
by population 

 Existing Collections Final Targets for Collection Notes 

 Pop 
size 

Seeds Growing 
Plants 

In vitro Indiv Prop/ 
indiv 

Multi-yr 
col. 

 

         
         
         
         
         
         
         
         
         
         
         
         
         
         
         
         
         
         
         
         
         
 
TABLE ABBREVIATIONS: 
col: collection     demog: demographic    Hort: Horticultural inc: include (ing)       Indiv: Individual(s) 
Juv: Juvenile(s)     Mat: Matured                    pop: population                proc: procedures       Prop: propagules     Tot: total 
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IV.   Conclusions 
 

The basic structure set out in the original Center for Plant Conservation Guidelines for 
Conservation Collections of Endangered Plants are sound, but the actual numbers need to be 
revised upward.  In the most recent and thorough statistical treatment of sampling strategy, 
Brown and Marshall (1995) have a benchmark target of 50 individuals per population in each of 
50 populations per ecogeographic region per taxon, which are here suggested as a benchmark 
against which actual sample sizes are determined.  

 
All numbers are, of course, subject to change, and any collection strategy must be tempered with 
consideration for the purpose of collection, ability to maintain the samples in good condition off 
site, and any damage to wild populations done by collecting itself.  After all, off site samples are 
part of a larger integrated conservation program; the ultimate purpose of which is to increase the 
long-term survival prospects of sampled populations in the wild. 
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Appendix 1.3 Plant Propagule Collection Protocols  
 
Note: This document was written for the benefit of the Makua Implementation Plan (MIP) but is 
also applicable for the Oahu Implementation Plan (OIP). It has been reproduced here without 
major modification for those working with the OIP to reference. Two tables, reflecting the OIP 
taxa have been added below (see figures 2C-D). 
 
I. Introduction: Benefits and costs of ex situ samples, and the context of collection 
The ultimate goal of collecting seed or other samples for off site (ex situ) conservation purposes 
is to maximize the long-term survival prospects of these populations (or at least their genetic 
descendants) and species in their native habitats.  Ex situ samples are thus a means to an end: 
continued survival of these rare and threatened species in the wild.   They are also only one part 
of the total effort necessary to conserve these plant populations and species. 
To the degree that samples can be maintained off site in good condition, they:  

1.  Reduce the chance that sampled individuals, populations and species will become 
irrecoverably lost, and  

2.  Provide material for use in reintroduction, research or other management options. 
 
If done appropriately, off site samples can serve to reduce extinction risk.  Collection does have a 
cost, however small or large, in terms of short-term survival prospects of sampled populations, 
and also in lost opportunities with management activities.  These and other considerations must 
be weighed when sampling rare and endangered species for ex situ conservation attention. 
 
 
II. Background : Center for Plant Conservation (CPC) genetic sampling guidelines for 
conservation collections of endangered plants and later developments 
 
The Center for Plant Conservation’s Genetic Sampling for Conservation Collections of 
Endangered Plants (CPC 1991) represent the first comprehensive attempt to create general 
guidelines for conservation collections.  The Australian Network for Plant Conservation (ANPC) 
used the CPC guidelines as a basis for their own guidelines (Touchell et al.1997).  The CPC 
collection guidelines are summarized below and are more thoroughly discussed in Guerrant and 
Pavlik (1998). 
 
In short, the CPC guidelines provide a hierarchical series of questions to consider, and decisions 
to be made (Table 1).  They are:  

1.  Which species should be collected?  
2.  How many populations should be sampled per species? 
3.  How many individuals should be sampled per population? 
4.  How many propagules should be collected from each individual? 

 
When these four questions have been answered, there is another decision required:  Is the desired 
collection level so great that it is harmful to the population, so that sampling should be 
distributed over two or more years? 
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Table 1.  Summary of CPC (1991) Genetic Sampling Guidelines** 
 
 
 
 
Questions/Decisions 

C
PC

 R
ec

om
m

en
de

d 
R

an
ge

  

B
ro

w
n 

an
d 

M
ar

sh
al

l 
19

95
 

Factors to Consider 
Target level 
of biological 
organization 

Key Considerations 

Which species should be 
collected? -- -- Degree of 

endangerment Species 
• Potential loss of 
    unique genepool  
 

How many populations 
should be sampled per 
species? 

1-5 50 Degree of gene flow 
among populations 

Ecotype and 
population 

• Degree of genetic          
difference among 
populations 

• Population history 

How many individuals 
should be sampled per 
population? 

1-50 50 
Diversity among 
individuals within 
each population 

Individual 

• ‘Law of diminishing 
returns’ on additional 
samples 

• Genetic communication 
within population 

How many propagules 
should be collected from 
each individual? 

1-20 50 Survivability of 
propagules Allele 

• Survivability of 
propagules  

• Long term use of 
collection 

** One additional question/decision has been added (which community/habitat), along with alternative benchmark 
values recommended by Brown and Marshall (1995). 
 
A growing consensus appears to be forming among those in the ex situ conservation community 
that, while the general framework is very useful, the recommended ranges for collection may 
seriously underestimate what is needed.  There are two main reasons why this might be.  One is 
that recent estimates of what constitutes a Minimum Viable Population are dramatically greater 
than earlier estimates, perhaps by an order of magnitude (Lande 1995, Lynch et al. 1995).  The 
other stems from a combination of a greater appreciation of how difficult our basic tasks are, and 
how much uncertainty is involved in all steps of the process.  From collecting a genetically 
representative sample, through maintaining it for long periods of time, and, finally, using those 
samples to establish new populations genetically comparable to those from which the propagules 
were collected are all more challenging than originally thought.  
 
Brown and Marshall (1995) suggested that the objective should be to include in the sample at 
least one copy of 95% of the alleles that occurred in the large population at frequencies greater 
than 0.05 (5%).  They note that either increasing certainty level over 95%, or dropping the 
critical allele frequency below 0.05 drastically increases sample size with only marginal gains.  
They provide what they call benchmark guidelines, which call for sampling 50 seeds each from 
50 individuals per population, in 50 populations per ecogeographic portion of each species 
sampled.  Clearly, this is far greater collection pressure than most if not all rare taxa can support, 
but it does provide a ‘default’ target to be adjusted for each species of interest, and the purposes 
for which collections are being made.  
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The original CPC recommended ranges were designed to describe how many propagules would 
be required to capture a genetic representative sample.  It did not sufficiently reflect what 
additional material might be needed to learn how to germinate/propagate a species to compensate 
for possible attrition during storage, or losses during reintroduction itself.  Thus, these are 
MINIMUM estimates of what should survive AFTER all these other factors are taken into 
consideration.  Beyond that, the purpose for which a collection is being made will affect the 
appropriate sample size. 
 
 
III.  Overview:  A process for arriving at an appropriate sample size 
 
A complex and bewildering network of interconnected factors must be considered in the process 
of arriving at an appropriate sample size for a conservation collection of an endangered plant 
species.  One way to organize the network is to view it as basically a two step process, which is 
driven by two independent classes of factors both of which feed into an evaluation cycle (Figure 
1).  
 
The major classes of input factors are, 1) the taxon being considered, and 2) the purposes for 
which samples are to be used.  The choice of a taxon determines both the sampling universe (i.e. 
how many populations are known and how large are they?), and also strongly influences the type 
of propagules that can be used.  The other major driver concerns the various purposes that an ex 
situ collection is intended to serve.  With the taxon and purposes in place, initial sample size 
estimates can then be made.  However, not all propagules collected can reasonably be expected 
to survive in good condition during the period of time between collection and successful use.  
Therefore, sufficient additional propagules will be needed to mitigate expected attrition and 
revised estimates made.  Taking attrition into consideration, the revised sample size estimates are 
then evaluated for their potential impact on the sampled population.  If the estimated impact is 
judged too great, then this additional factor is added to the sum of inputs, opportunities and 
constraints, and the process of evaluating needs and impact is repeated.  Only when the 
perceived benefit of collection is judged to be sufficiently high, and the impact on the sampled 
population sufficiently low, is a final sample size determined. 
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Figure 1. Conceptual flow chart illustrating how collection size decisions might be made.  Illustrated are two major 
input factors, the choice of taxa with which to work, and the purposes that collections are intended to serve.  The 
information about taxa and purposes together are fed into an evaluation cycle that considers attrition to collections 
while off site, and the potential impact on sampled populations.  If the impact is judged to be too great, then the 
evaluation cycle is repeated until the impact is judged acceptable. 
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• Germination 
• Propagation  
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A. Inputs 
 
There are two main groups of factors that drive the process: The choice of taxa with which to 
work, and the purposes for which collections are intended to serve (Figure 1).  Each of these two 
primary drivers has associated opportunities and constraints that flow from them. 
 

1. Choice of taxa 
 

The CPC guidelines focus attention on degree of endangerment, and the potential for loss of 
unique genepools as primary determinates of which taxa are chosen for ex situ treatment.  The 
taxa for which ex situ treatment in the Makua and Oahu projects is considered necessary have 
already been chosen, so these guidelines will not address the choice of taxa as such.   
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The choice of a taxon establishes two sets of opportunities and constraints.  One is the sampling 
universe: how many populations of that taxon are known, and how large are they?  The other 
concerns our ability to work with the taxon both horticulturally and for storage purposes: are 
seeds an option, and if so, how well and economically can they be stored for long periods of 
time, or must vegetative material be used? 

 
a) Sampling universe: How many populations are known, how large are they, 
and in what condition and management context are they found? 

 
It is one thing to have an ideal target range for propagules to collect, but the actual optimal 
number to be taken is subject to many influences, such as population number, size and trend.  
 
Figure 2 provides a comparison between the MIP and OIP population number and distribution 
based on the U.S. Fish and Wildlife Service (USFWS) categories of population number and size 
distributions.  
 
Figure 2.  Population number (A, C), and size (B, D) distributions (by USFWS size categories) for MIP and OIP 
taxa. 
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Clearly, the suite of taxa with which the Makua project is concerned are extremely rare, often 
comprised of very few occurrences of very few individuals. For the Makua target taxa the 
greatest number of species fall within the 2-5 PU category and the highest number of PUs fall 
within the 2-10 indiviudals sizecategory. Comparatively, the Oahu IP taxa appear to have a 
slightly different level of rarity. For the Oahu taxa many taxa also fall within the 2-5, and 6-10 
PU categories, though there is also a large number of taxa with 11-20 PUs. This may be due to 
the higher percentage of intact habitat available to the OIP species. Though, some species in the 
OIP, particularly the Waianae taxa, are just as rare as many MIP taxa. Additionally, both the 
Makua and Oahu projects have several populations comprised of less than 20 individudals. With 
both the MIP and OIP taxa having the many populations with less than 10 individuals. 
 
For as grim as these population size figures are, they may seriously over state the number of 
individuals from which seeds can be gathered.  Seeds can only be gathered from successfully 
reproducing plants, and not all plants in a population are reproductive. 
Recommendations:  For species with 50 or fewer populations, collect from all known sites, or 
at least as many as is possible.  For species with greater than 50 populations, collect from as 
many as possible, up to a total of 50.  For populations with 50 or fewer individuals, collect 
from all known individuals; for populations with greater than 50 individuals, collect from 50. 
  
The ultimate number of populations sampled per taxon is constrained by many factors:  our 
ability to store them in good condition until they might be needed, the available resources, and 
the large number of other taxa that must be taken into consideration.  Rather than get a 
‘complete’ sample of any one species before moving on to the next, it is necessary to work with 
many species simultaneously.  As a consequence, collection resources will probably spread 
strategically over many taxa simultaneously.  The challenge becomes less of getting a fully 
adequate sample of one taxon before moving on, but getting as many samples as possible of the 
most critically endangered taxa first, and then gradually filling out the collections over time.  
Such a strategy of working with many taxa concurrently will spread collection pressure on any 
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particular taxon over more time, which will help spread collection pressure on any one entity 
over more time. 
 

b) Propagule types: Seeds and/or vegetative material? 
 
Not only does the choice of taxa establish the sampling universe of populations and numbers of 
individuals with which there are to work, but also strongly influences the applicable range of 
horticultural and other options with which there are to work.  With respect to long-term storage, 
those taxa with orthodox seeds offer the easiest, and most effective and economic options.  For 
those species with recalcitrant seeds, off site samples may have to be maintained as growing 
collections.  The relative impact on sampled populations is another factor to consider, and again, 
seeds are preferable to removing vegetative material.   
 
Removal of seeds is considered less damaging demographically than removing vegetative plant 
parts.  This conclusion is based on demographic modeling by Dr. Eric Menges (1992), in which 
he wrote, “The threat posed to population survival by environmental variation appeared almost 
entirely due to variation in mortality, growth and reproduction status and not to variation in 
reproductive output.”  While seed collection increases environmental variation in reproductive 
output, taking cuttings increases the variation in growth rate and possibly mortality. 
 
Thus, if there is a choice of propagule type (seeds vs. cuttings) – and seeds can be stored alive 
for long periods of time - it is generally better on the sampled plants and populations to take 
seeds.  But, this is not always possible. 

 
The seeds of the vast majority of species fall into one of two relatively discrete categories of seed 
storage behavior:  orthodox or recalcitrant.  Orthodox seeds can survive drying to such low 
moisture contents that there is no liquid water left to form ice crystals, and therefore, can be 
stored at temperatures below freezing without damage.  Recalcitrant seeds cannot survive at such 
low moisture contents, and cannot, therefore, readily be stored at subfreezing temperatures.   
 
Orthodox seeds can generally be stored alive for ‘long’ periods of time (decades or longer?) 
without suffering ‘significant’ ill effects.  Recalcitrant seeds are generally very short lived, and 
cannot be stored off site without labor and resource intensive ‘heroic’ effort. 
 
Recent work by Dr. Christina Walters (USDA National Seed Storage Laboratory, Ft. Collins, 
CO) and Alvin Yoshinaga (University of Hawaii) has shown that a large fraction of Hawaiian 
native plants have orthodox seeds.  A summary for the Oahu target taxa tested and their results 
can be found in Appendix 1.3: CCRT Seed Storage Summary.  
 
Recalcitrant seeded species, and those with other problems, pose greater challenges for off site 
storage. Unlike seed collection, cuttings reduce the photosynthetic capital of the plant to some 
degree, and subjects a plant to invasion by pathogens.  Nevertheless, the material obtained can be 
maintained and proliferated in tissue culture, and can have significant conservation value.   

 
In some cases, cuttings might be the only option.  Flueggea neowawrea, for example, sets little 
seed and the few remaining plants suffer from chronic twig borer infestation; a problem for 
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which there is currently no sure cure.  Flueggea and other taxa threatened by twig borers might 
be good candidates for cryogenic storage of short segments of stem-with-a-bud.  A relatively 
new technique has been developed for use with fruit trees in which a short segment of stem 
having a bud is maintained at liquid nitrogen temperatures.  These samples are being used as an 
alternative to maintaining apple and pear varieties in an orchard setting.  If borer-free shoots can 
be found, this might be a way to preserve these species off site until the invasive twig borers can 
be eliminated.   
 

2. Purpose of collection 
 

Along with the choice of taxa, the purposes for which a collection is being made is the second 
major determinant of sample size and density.  At one extreme, some purposes, such as obtaining 
material to learn how to germinate and propagate plants or to determine their seed storage 
behavior, may require very little material to be gathered without much regard to its genetic make 
up.  At another extreme, some purposes, such as salvaging what can be obtained from a doomed 
population for use in storage and reintroduction, may require that large samples be taken from 
every individual. 
 
Note that it is not always necessary to collect additional material from the field.  Suitable 
material (seeds, growing plants, or plant parts) may be available from other sources, such as 
existing samples in seed banks, in vitro cultures, or various cultivated sources.  Where available 
and appropriate, material already stored off site should be used before new collections are made 
from wild populations, as long as the stored material is used for research or propagation/storage 
testing, or is not more than one generation removed from the wild population.  

  
a) Develop protocols: Germination, propagation, seed-storage behavior, and/or 
reintroduction 

 
Given the potential negative impact of collection on sampled populations, it is risky to collect 
material in volume before methods are available to use it well.  In practice, there are taxa and 
situations, however, where the threat of extirpation in the wild is so high that more extreme 
measures might be justified.  There appears to have been relatively little discussion in the 
conservation community of how to proceed in such extreme circumstances.   

 
In general, there is rarely reason to think that different populations of a taxon would have 
significantly different germination, propagation requirements, and/or seed storage behavior.  
Therefore, there is no need for a statistically representative sample, as there is, for example, for 
storage or reintroduction.  Thus, samples for these purposes should be taken from sources that 
will be least likely to harm survival prospects in the wild.  In other words, obtain seeds (and/or 
cuttings) from the largest and/or most secure (or at least most dispensable) sources known.  
Seeds from properly identified and documented cultivated specimens are generally acceptable 
for these purposes.  It may also be possible to minimize collection pressure by doing pilot work 
on closely related but more common congeners. 

 
Absolute amounts will depend on whether standard horticultural or in vitro (tissue culture) 
techniques are used, or both. 
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Recommendation: For developing germination and propagation protocols, and determining 
seed storage behavior, begin with seeds derived from ex situ plants (whenever possible) or 
minimal collections from the most secure populations.  Determine actual sample sizes in 
consultation with those who will be working with the material.  Where possible and prudent, 
begin with very small samples, especially if the probability of early success is low. 
 
Reintroduction, including augmentation, is not a simple one-size-fits-all procedure.  Insofar as 
appropriate material is already being stored off site, it should where appropriate be used before 
new collections are made.  Actual sample sizes will depend heavily on the questions being asked 
of the experiment(s), and other aspects of the reintroduction plan being considered. 
 
Recommendation:  For developing reintroduction protocols, begin with the smallest 
collections necessary to address the questions being posed in the experimental reintroductions. 
 
Our ability to work with the species successfully will also influence sample size.  Are seeds an 
option for storage, or must growing plants be used?  
 

b) Ex situ conservation purposes 
 

(1) Seed storage (in seed bank)  
 
As a hedge against catastrophic loss in wild populations, and to provide material for 
reintroduction and other uses, collect and maintain off site as large and genetically representative 
and diverse an array of genotypes as possible without unduly compromising sampled 
populations.  This is clearly easiest and most economical to do for taxa with long-lived orthodox 
seeds, which can be stored for long periods of time in standard (i.e., –20ºC) seed bank facilities.  
The numbers and genetic diversity of these collections will, of course, be strongly influenced by 
the number and size of extant populations from which to collect. 

 
The numbers required for storage depend greatly on what purposes the stored seeds are intended 
to serve.  Should an off site collection be expected to support a single reintroduction attempt, 
two, or ten?  Are there other purposes, such as unanticipated scientific research efforts, that an 
off site collection might be expected to support?   

 
For those taxa with recalcitrant seeds, a few may be able to be stored under cryogenic conditions 
(e.g., liquid nitrogen temperatures, approaching –200ºC).  The expertise and facilities necessary 
to store recalcitrant seeds are much more limited than for orthodox seeds.  As a practical matter, 
off site collections of many recalcitrant seeded species will need to be maintained as growing 
plants.  
 
Recommendation: Begin calculations with generic Benchmark Guidelines for storage offsite 
of wild collected material (50 populations, 50 individuals/population, and 50 
propagules/individual), and from that subtract or add depending on a variety of factors: 
purpose, sampling universe, our ability to germinate, grow and store seed, and to support and 
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sustain any intended reintroduction back into natural areas and sustain in the face of 
expected attrition. 
 

(2) Ex situ storage using cultivation of growing plants  
 
In certain cases where there is an immediate and severe risk of extirpation of a population (from 
fire, ungulate threat, etc.) and it isn't possible to collect enough seeds, living tissue may be 
collected to increase genetic diversity of ex situ stock.  For small populations, there should be 
enough off-site plants in living collections or inter-situ populations to represent the genetic 
diversity of the wild populations, which may be used to provide adequate additional seed stock 
for reintroduction, augmentation, or storage. 

 
A wide range of activities is encompassed by this category.  At one extreme are small specimen 
collections maintained in botanic gardens, the conservation value of which, other than for 
education, is extremely limited.  At the other extreme are medium to large-scale plantings 
maintained in semi-cultivated to semi-wild conditions.  These have variously been called inter 
situ collections or field gene banks.  
 
Relative to stored seed, the cost to maintain growing plants is much greater, and the probability 
of successfully perpetuating the genetic integrity of stored material is much less.  Once the 
infrastructure is in place, large numbers of seed can be stored in a seed bank at relatively low 
actual cost, and very low marginal cost.  The genetic integrity of stored samples is probably 
generally much greater than for population samples maintained as growing plants.   
 
This is thought to be true for several reasons.  The expected longevity of stored seed is generally 
much greater than for growing plants.  Assuming proper seed storage facilities and techniques 
are available, both the absolute and relative cost of maintaining the original genetic array of a 
collection is much less for seeds than for growing plants.  It is extremely difficult, if not 
impossible, to provide habitats off site that are sufficiently similar to those experienced in the 
wild, so as to avoid artificial selection.  In addition to the deleterious genetic effects resulting 
from random genetic drift due to small population sizes, the genetic adaptiveness of growing 
samples is expected to deteriorate much faster than in dormant seed collections.  Finally, there 
are phytosanitary and related considerations that need to be considered for growing plants, which 
do not affect stored seed. 
 
Recommendation: For collections that must be maintained as growing plants, the limit is set 
more by the practical ability to handle a species, so numbers will generally be lower than for 
seed storage. 

(3) Reintroduction, augmentation 
 
Sample sizes necessary to support actual reintroductions and/or augmentations can vary widely.  
In general, the larger the founding population, the greater will be the chance of it surviving to 
become an established, self-sustaining population (Guerrant 1996).  Not all reintroduction 
attempts will succeed, even for those species for which protocols have been established 
empirically.  The number of reintroduction attempts and their geographic limitations that a 
collection is intended to support will also greatly affect the sample size required. 
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Recommendation:  Collect from as large and diverse an array of suitable founders as seems 
prudent, given the sampling universe with which there is to work, and the ability to maintain 
the material off site between the time of collection and use. 
 

(4) Other--including scientific research, education, interpretation, etc. 
 
The sample sizes necessary to satisfy these uses are so idiosyncratic that no general 
recommendations seem possible.   
 
Recommendation: Collection for these purposes should be evaluated in light of the estimated 
conservation or other value to the species, and the cumulative impact of all collection activities 
anticipated for those species and populations. 
 

B. Evaluation cycle 
 
Sample sizes indicated by the above factors need to be evaluated in light of the following 
potentially significant factors that may indicate sample sizes larger or smaller than originally 
indicated. 
 
Recall that the ultimate purpose of ex situ collections is to enhance the survival of sampled 
populations, so a positive balance must be struck between the potential benefits and costs of 
collection.  The next step in the process (Figure 1) is to reconcile the potential benefits and costs, 
to the benefit of the species. 
 
With the choice of taxa and collection purposes, initial estimates of sample sizes can be made.  
Additional material must be added to these preliminary estimates to compensate for expected 
attrition between collection and use.  If the potential impact of the total collection size on 
sampled populations is judged too great, then this information is added to the mix.  The cycle of 
evaluation is repeated until a reasonable balance is found with what we think can be 
accomplished without unduly harming the sampled populations. 
 

1. Sources of attrition in ex situ collections, between collection and successful 
establishment 

 
It is one thing to collect a genetically representative population sample and quite another to have 
sufficient and appropriate material available to establish a new, genetically comparable 
population if and when it becomes necessary.  There are many steps along the way in which 
mortality and other losses can occur, both in terms of sheer numbers and in genetic diversity.  In 
this section, we will consider various sources of attrition, what it takes to monitor them, and how 
losses can be mitigated. 
 

a) Survivorship and genetic change in collections  
 
Perhaps the most basic source of loss is due to mortality during off site storage.  There may be 
large differences in mortality rates among different propagule types and different taxa within a 
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propagule type.  Off site collections that must be stored as growing plants present a much more 
formidable challenge than those that can be stored as dried and frozen seed, and those stored as 
in vitro cultures are presumably somewhere in between. 
 
There are several reasons why growing plants off site for conservation purposes is less desirable 
than storing them as seeds or as in vitro cultures, not the least of which are the resources required 
to maintain a given number of plants over a long period of time.  First, to avoid the genetic losses 
and other changes that are likely to occur when population sizes are small, a large number of 
plants must be grown for, perhaps, many generations.  The amount of space, man-power and 
other resources that must be expended to maintain just one population of one species is daunting 
indeed.  If this were not problem enough, growing plants off site will inevitably subject them to a 
selective environment different than that in which they evolved, thus eroding their ability to 
survive when their descendants are used for reintroduction back into the wild.  The most extreme 
illustration of this phenomenon is where plants grown off site under conditions sufficiently 
different than their native habitats cannot survive when returned to their native habitats.  While 
this might seem fanciful to some, it or something close to it happened when the attempt was 
made to reintroduce to Tenerife, in the Canary Islands, a long established line of Lotus 
berthelotii that had been grown in Europe.  The plants all died in the nursery on Gran Canaria, 
apparently as a result of the higher temperatures there than where they had been grown (Maunder 
and Bramwell pers. comm.).  Another less extreme but still telling example is that of Amsinckia 
grandiflora (Pavlik et al. 1993, Pavlik 1995), in which plants were grown at the University of 
California at Davis in what would seem to be very similar conditions to, and within a few miles 
of, their native habitat.  Electrophoretic analysis of seeds collected twenty years before and held 
in storage indicated relatively low genetic diversity, but seeds derived from plants grown off site 
for just a couple of generations showed even less.  Although the plants were large and vigorous 
when grown off site, the pin/thrum ratio of this heterostylous plant was very different in 
cultivation than it was in the donor population.  This suggests that plants derived from seeds 
grown off site might be less fit when reintroduced than those that had not.  Finally, sanitation 
issues – keeping reintroductions from being a vehicle for introducing pests, pathogens, and 
weeds into the wild – are most acute when plants are grown off site; the danger of picking up 
pests and pathogens increases with time in off site cultivation. 
 
Taxa with orthodox seeds are at the other extreme, where large samples can be in frozen storage 
for long periods of time with little maintenance and at a relatively low marginal cost.  Seeds of 
some taxa can presumably be stored for decades, even centuries, with little mortality.  We aren’t 
aware of information about the degree to which mortality in seeds banks is selective or random.    
 
Recommendation: Monitor survivorship and health of off site growing collections and respond 
appropriately.  The emphasis should be on improving cultural conditions rather than 
additional collection. 
 

b) Monitoring survival rates of stored seed 
 
Although potential mortality rates appear to be quite low in stored seed, survival must 
nevertheless be monitored.  The only sure way to do this is to attempt to germinate samples when 
they enter the seed bank, and periodically thereafter.  This is not as simple as it might seem.  
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First, it is necessary to know how best to germinate the sampled population (Baskin and Baskin 
1998).  While germination requirements are often thought to be species specific, there are 
examples where germination requirements, at least of widespread species, may differ 
significantly among populations (e.g., Meyer 1992).  Once a suitable protocol is established, it is 
necessary to subject different seed batches to comparable conditions in order to assess changes in 
germinability over time.  Otherwise, germination rate differences might be due to environmental 
causes.  This will presumably require the use of controlled environment chambers, as ambient 
outdoor conditions are not sufficiently similar between years. 

 
Interpreting the results of comparisons between different trials is the next hurdle to overcome.  
While the magnitude of what constitutes a significant decline is a subjective decision, it is 
possible to analyze sample sizes necessary to detect a given decline.  In their Guidelines for the 
Maintenance of Orthodox Seeds, the CPC (Weiland 1995) suggest a 15% decline as a reasonable 
threshold to trigger action (either recollection, or a grow-out).   
 
Ideally, the results of statistical tests on seed samples to determine if there has been germinability 
decline accurately reflect the true condition of the seed lot.  However, it is possible, due to 
chance alone, that our tests will indicate a decline when, in fact, there is none.  This is a Type I, 
or False Change Error, and the probability of making it can be considered the significance of the 
test.  Designated α, this is the p-value commonly cited when a difference is found.  
Alternatively, and again due to chance alone, a test may fail to indicate a decline when, in fact 
there has been one.  This is known as a Type II, or Missed Change Error, and our ability to avoid 
it is known as the power of a test.  In other words, the power of a test is a measure of how likely 
our test is to detect a given decline, if there really is one.  It is, of course, easier to detect a large 
decline than a small one, so it is necessary to designate the minimum detectable change when 
specifying the power of a test.  There is no single sample size necessary to detect a given decline.  
Sample size varies, among other things, according to how tolerant you are of making the two 
kinds of errors.  This is a subjective decision that involves tradeoffs.  As the desired significance 
of a test increases, power declines.    
 
The sample size necessary to detect a given decline also varies with the initial germinability of a 
seed lot.  Figures 3-6 illustrate the differing relationships of statistical power as a function of 
sample size differences when initial germinability is either 90% or 50%, and the desired 
significance of the tests are either p=0.1 or p=0.01.  There are three patterns to note.  First, power 
increases dramatically as minimum detectable difference increases.  Second, to detect a given 
decline for a given sample size, statistical power is greater if initial germination rate is 90% 
rather than 50%.  Tests are least sensitive when the initial germinability is 50%, and more 
sensitive toward either extreme.  Third, note the increase in statistical power associated with a 
greater tolerance for making a False Change Error (where α=p=0.1 versus α=p=0.01).  Sample 
sizes refer to the number of seed used in each test, not the sum of two or more tests. 
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Fig. 4 Chi-square Test of Proportions (Two tailed test)
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Fig. 3  Chi-square Test of Proportions (Two tailed test)
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 Fig. 6. Chi-square Test of Proportions (Two tailed test)
Higher =  0.5 , alpha or p =  0.10 
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Fig 5.  Chi-square Test of Proportions (Two tailed test)
Higher = 0.5, alpha or p = 0.01
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This method of analysis presents several dilemmas.  One is that we must choose sample size 
before we know what the initial germination fraction is.  Pilot studies are helpful, but use 
additional seed.  Given the rather large sample sizes often needed to detect changes of a 
magnitude we might like, we simply will not have (or be willing to use) sufficient seed to be able 
to monitor a collection as closely as we might like.  This sobering fact is especially true when 
seeds from each maternal parent are maintained separately – which is definitely preferred over 
bulk collections.  This raises a policy choice about how precisely we can know the status of a 
collection.  Resolution of this basic dilemma awaits further discussion in the conservation 
community.  Nevertheless, even small samples can provide meaningful (if not very precise) 
information about the viability and longevity of a seed stock. 
 
Recommendation: Unless very large samples are available, it is unlikely there will be sufficient 
seed to monitor viability with any high degree of precision. 
 

c) Demographic costs of reintroduction: Modeling ‘expected’ attrition using 
empirical demographic data 

 
Population size targets, often specifying numbers of mature plants, are indicated in 
reintroduction plans for each project.  While it is not reasonable to expect that all propagules 
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planted will survive to reproduce, what is a reasonable expectation?  In order to estimate the 
range of post-planting decline in population size that might be expected during reintroduction, 
Guerrant and Fiedler (2003) used empirically derived stage-based transition matrices for a 
variety of life histories from the literature as a basis for stochastic modeling.  

 
They found, not surprisingly, that the demographic cost during reintroduction can be substantial.  
In the most extreme case, an outplanting of 1,000 Panax seedlings would, on average, drop to 
just 15 individuals within three years before the simulated populations began to rise.  But, of 
course, many simulated runs ended with extirpation before any increase could begin.  If the 
newly established populations are to have anything like the genetic diversity of the ones from 
which the founders were collected, expected losses during reintroduction must be accounted for 
in the original collection.  These data are, of course, simulated results based on wild populations 
with positive growth rates.  One assumption of these models is that outplanted individuals will 
behave demographically identically to naturally occurring plants, which is probably optimistic.  
Another assumption of the models is that the series of years for which data were gathered in the 
field accurately reflect what will happen during a reintroduction.  Presumably there will be many 
stochastic environmental effects that cannot be anticipated, but which will affect establishment.  
Using similar techniques and comparable seed supplies (planted in the field near where they 
were collected the year they were collected) a series of 27 field germination and seedling 
establishment trials of Erythronium elegans set out yearly with fresh seed each year over a 5-
year period spanned the range from 0-94% establishment (Guerrant 1999).  Clearly, attrition can 
be high, and vary greatly among different years.   
 
The implications for collection guidelines to support even one reintroduction attempt are 
daunting.  To compensate for expected losses of these magnitudes suggests that sample sizes 
might need to be one or two orders of magnitude greater than current suggestions.  
Unfortunately, such collections either may be too great for sampled populations to bear, or 
prohibitively expensive in time and other resources needed to collect, store and monitor.  In 
addition to increased sample sizes, other ways to compensate for potential losses associated with 
reintroduction must be explored. 

 
One such alternative is to use larger founding individuals, which might be expected to have 
greater survivorship than smaller founders.  So, too, any post-planting care that can be provided 
to increase survivorship of the founding individuals should also reduce the sample size 
requirements. 

 
Recommendations: Start with an estimate of desired numbers surviving to reproduction, and 
then account for expected losses during establishment.  Maintaining backup clonal material 
can mitigate some of these losses.  
 

2. What is the effect of collection on extinction risk of sampled population?   
 

The ultimate purpose of ex situ collections is to enhance the long-term survival prospects of 
sampled populations.  Thus, for collection itself to harm the sampled population in the short-term 
is generally to be avoided.  However, even in the absence of collection, at what point does the 

Final Oahu Implementation Plan 2008 
 



Appendix 1.3 Plant Propagule Collection Protocols   1-26 

short-term risk of extinction become so great that sampling at a rate that is harmful becomes 
justified? 
 

a) General condition: Minimum risk to sampled population 
 

The final question posed by the CPC genetic sampling guidelines was the least developed:  What 
level of collection necessitates a multi-year collection strategy?  Eric Menges, Samara Hamzé 
and Ed Guerrant have recently addressed this question with a computer simulation study.   
 
The following paragraphs are the abstract for the manuscript, which is currently in review (and 
thus subject to change):   
 
“Seeds are widely considered to be the propagule of choice for ex situ conservation collections 
elative to cuttings or transplants, seeds can easily be collected in large numbers and stored alive 
for long periods of time; their harvest is thought to be the least damaging to the sampled 
populations.  

  
“Guidelines for amounts and timing of seed harvests, however, have not been grounded in 
demographic data or projections.  We examined the demographic consequences of 36 patterns of 
seed harvests: 10, 50, and 100% of fecundity for 10, 50, and 90% of years, on populations of 10, 
50, 100, and 500 plants.  We compared these results to no-harvest scenarios with the same four 
initial population sizes.  We used published projection matrices from about two dozen plant 
species encompassing a range of life forms.  We modeled using stochastic simulations, 
alternating projection matrices representing different years and different harvesting intensities.  
For each species, we examined 40 combinations of conditions in 1,000 replicate simulations for 
100 years each and we calculated the proportion of replicates becoming extinct. 

 
“Species differed in sensitivity to seed harvest, with long-lived species, especially woody plants, 
being least sensitive.  Populations of 500 or more were not harmed except by complete harvests 
for half or more of all years.  Small populations of ten were harmed by less complete harvesting, 
but sensitivity varied widely by species.  

 
“Our modeling suggests three seed harvest rules: 
 
1. Harvesting 10% of seeds in 10% of years (or less) is generally safe. 
2. Harvesting 50% of seeds in 50% of years (or more) is generally unsafe. 
3. Less intense, frequent harvests are safer than more-intense, infrequent harvests. 

 
Although these analyses encompass many mathematical, biological, and sociological 
assumptions, they suggest that prudent seed harvesting will not have significant short-term 
demographic effects.” 

 
Recommendation: Less intense, frequent harvests are expected to have less of an impact on 
sampled populations than more-intense, infrequent harvests.  To the degree possible, spread 
collection out over two or more years, especially for small populations. 
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b) Special case: intentionally collect enough to cause short-term risk to sampled 
population 

 
As stated in the first section, given the potential negative impact of collection on sampled 
populations, it is risky to collect material in volume before methods are available to use it well.  
In practice, there are taxa and situations, however, where the threat of extirpation in the wild is 
so high that more extreme measures might be justified; situations in which it might be necessary 
to act sooner rather than later. 

 
The Makua IT must deal with many species that are so extremely rare and/or endangered that 
“we may not be able to safely wait until we get the propagation and genetic storage procedures 
worked out” (Bruegmann and Jacobi, pers. comm.). The same is true of some OIP species. 
However, the OIP target taxa have already benefited from the massive effort underway for the 
Makua IP. Through the MIP, collection effort the knowledge base regarding phenology, 
propagation, and germination of multiple genera and species has increased significantly.  
 
Note that the minimum population size Menges et al. (2003) modeled was 10 individuals.  Part 
of our reasoning is the belief that populations this small and especially smaller are inherently 
threatened with extinction, due simply to chance.  In the manuscript, Menges et al. noted that 
declining populations represent special cases, where other considerations might become 
important.  If a population is in decline and sliding toward extirpation anyway, collection did not 
affect the end result – extirpation - just the timing.  In such cases, the potential benefits of 
collection must be weighed against the additional pressure of collection on extinction risk.  
Another area not covered directly in the models concerns very small and other populations where 
the probability of extirpation in the foreseeable future due to random factors is so high, that 
additional risk of ‘rescue’ collections might be of conservation value.  Many of the very small 
populations managed through MIP and OIP probably fall into this category. 
 
The question arises then of what to do with very small or other populations you have reason to 
think are particularly susceptible to extirpation in the near to medium term (say 5-25 years).  
 
While it is always best to keep in mind the dictum – Do No Harm - it may be necessary in some 
situations to collect so much material that collection itself becomes a serious threat to the 
sampled wild population, at least in the short term.  The effort to recover the California Condor – 
which is highly endangered even by Hawaii standards - is a case in point.  ALL wild birds were 
captured, thus driving the species to ‘extinction in the wild’ – at least temporarily.  These birds 
were and are being used in a captive-breeding program, and the goal is to release many more 
individuals into the wild (and in more areas than just the collection sites) than were removed.  
Thus, we may find ourselves in the uncomfortable position of ‘destroying’ something in order to 
save it. 
 
Recommendation:  For populations of species with low numbers overall, that have 10 or fewer 
reproductive individuals and a poor history of recruitment, or a population known to be in 
precipitous decline, collect 20-100% of seed at the discretion of the permitted collector.   Such 
collection levels assume, of course, that adequate facilities and procedures are available to 
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care for the material, and that such collections are part of a more inclusive strategy.  For 
those situations in which germination, propagation, or seed storage methods are not yet 
available, it may be necessary to collect some material to better ensure the continued existence 
of the species or populations in question.  
   

C. Final collection guidelines considering the above factors 
 
To determine the sample sizes that must be collected, use the accompanying worksheets (Tables 
2 and 3) to clarify how much is needed for all purposes that are intended to be served, and how 
much suitable material is in off site collections already.  
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Genetic Sampling Guidelines Worksheet: Preliminary Estimates   Taxon ___________________________________ 
Population 

For each population indicate name and  number of mature and juveniles above preliminary target numbers for collection. 
 

Page __ of ___ 
     

Mat Juv Mat Juv Mat Juv Mat Juv Mat Juv  
Purpose of Collection Indiv 

 
 

Prop 
/indiv 

Tot 
Prop 

Indiv 
 
 

Prop 
/indiv 

Tot 
Prop 

Indiv 
 
 

Prop 
/indiv 

Tot 
Prop 

Indiv 
 
 

Prop 
/indiv 

Tot 
Prop 

Indiv 
 
 

Prop 
/indiv 

Tot 
Prop 

To develop protocols                
  Germinatio   n                
  Propagation (standard Hort. proc  .)                
  Propagation (in vitr  o)                
  Seed Storage Behavi  or                
                
Ex situ storage                
  Orthodox Seed                
      Attrition (rat  e)                
  Recalcitrant Seed                
      Attrition (rat  e)                
  In vitro slow grow  th                
      Attrition (rat  e)                
  In Cultivation                
       Attrition (rat  e)                
                
Reintroduction                 
  Attrition rate (inc. demog. cos  t)                
Augmentation                
  Attrition rate (inc. demog. cos  t)                
                
Other                
Is multi-year collection plan 
indicated? 

               

2  
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4 
Genetic Sampling Guidelines Worksheet: Page 2    Taxon ___________________________________ 
 

Sampling Universe 
by population 

 Existing Collections Final Targets for Collection Notes 

 Pop 
size 

Seeds Growing 
Plants 

In vitro Indiv Prop/ 
indiv 

Multi-yr 
col. 

 

         
         
         
         
         
         
         
         
         
         
         
         
         
         
         
         
         
         
         
         
         
 
TABLE ABBREVIATIONS: 
col: collection     demog: demographic    Hort: Horticultural inc: include (ing)       Indiv: Individual(s) 
Juv: Juvenile(s)     Mat: Matured                    pop: population                proc: procedures       Prop: propagules     Tot: total 
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IV.   Conclusions 
 

The basic structure set out in the original Center for Plant Conservation Guidelines for 
Conservation Collections of Endangered Plants are sound, but the actual numbers need to be 
revised upward.  In the most recent and thorough statistical treatment of sampling strategy, 
Brown and Marshall (1995) have a benchmark target of 50 individuals per population in each of 
50 populations per ecogeographic region per taxon, which are here suggested as a benchmark 
against which actual sample sizes are determined.  

 
All numbers are, of course, subject to change, and any collection strategy must be tempered with 
consideration for the purpose of collection, ability to maintain the samples in good condition off 
site, and any damage to wild populations done by collecting itself.  After all, off site samples are 
part of a larger integrated conservation program; the ultimate purpose of which is to increase the 
long-term survival prospects of sampled populations in the wild. 
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Appendix 1.4 Phytosanitation Standards and Guidelines 
This document was created to direct the phytosanitation of the Makua Implementation Plan 
(MIP) target taxa ex situ prior to any reintroduction or augmentation efforts. The standards and 
guidelines outlined in the original MIP document are reproduced here without modification 
(barring modifications to include the Oahu Implementation Plan (OIP) species).  
 
The objective of this document is to state the level of sanitation that will be required during ex 
situ operations, and the transition into natural habitats via reintroduction or augmentation 
projects.  Sanitation is a key factor in reintroductions or augmentations by preventing the 
introduction of foreign organisms into the wild.  Plants grown for the U.S Army’s (Army) 
Makua and Oahu Endangered Species Stabilization Plans must be visibly weed-free, pest-free, 
and pathogen-free.  All plants to be used for reintroduction or augmentation projects in this plan 
will be rigorously checked for compliance with the requirements described in the narrative 
below.  If the plants do not meet the standards stated in the guidelines at the time of inspection, 
they will not be used.  The infected plants must be treated so that all alien plant species, pests 
and pathogens are eliminated before the plants can be reconsidered for Army projects.  If any 
plants become infected with a virus that plant must be immediately removed from the growing 
area and destroyed.  The surrounding plants should be monitored for signs of virus infection as 
well. 
 
The phytosanitation checklist (see Attachment 1:  Phytosanitation Checklist) outlines the range 
of threats that must be monitored and controlled in both in the nursery setting.  The threats that 
are to be monitored and controlled are arthropods, alien plant species, nematodes, mollusks, 
pathogens, and small mammals and other pests.  The Implementation Team (IT) feels that these 
threats are major problems that affect the overall health of the plants and can cause possible 
contamination to the environment if transported into the wild.  The table below summarizes the 
threats and suggested actions to eliminate these problems. 
 
Table 1.  Summary of potential pest species or problems with ex situ propagation methods and 
facilities, and prevention and monitoring procedures identified in the Phytosanitation Standards 
and Guidelines section of the Makua Implementation Plan (U.S. Army Garrisson 1999). 

Potential Pest Species or Problem 

Prevention or Monitoring 
Procedures 
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1) DOA certification X X X X X X X  

2) Nursery design     X X X X 

3) Media to use    X   X  

4) General sanitation X X X X   X X 
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5) Threat control program X X X X X X X X 

6) Nursery and plant inspection X X X X X X X X 

7) Threat monitoring and control X X X X X X X X 
 
REQUIREMENTS 
 
1. Nursery Certification by Department of Agriculture (Plant Quarantine Branch) 
The Department of Agriculture (DOA) developed this certification process for plant growers in 
Hawaii that want to export their goods out of state (see Attachment 4:  Certification 
Requirements of Rooted Plants to Meet Burrowing Nematode Quarantine).  The nursery 
certification encompasses various aspects of plant production ranging from general sanitation, to 
standards of nursery conditions, to pest control.  Complying with the certification requirements 
will require the facilities and equipment to provide clean plants and the absence of nematodes in 
all plant pots.  Examples of the DOA certification requirements as of 1999 are as follows.  Plants 
or plant parts used must be: 
 

1. Propagated from clean (nematode- and virus-free) seeds or cuttings taken at least 
12 inches above the ground. 

2. Planted in suitable material prepared or treated to assure freedom from burrowing 
nematodes. 

3. Grown in sterilized pots, containers or beds. 
4. Placed on sterilized benches or sterilized supports which are at least 18 inches 

above the ground or floor level. 
5. Plants and growing media sampled using methods approved by the Department of 

Agriculture and found free of the burrowing nematode. 
6. Protected from contamination until delivery. 

 
For growers that are not yet certified contact DOA for more information regarding the 
certification requirements.  (Department of Agriculture, Plant Quarantine Station, 701 Ilalo 
Street, Honolulu, HI 96813. Phone number 586-0844). 
 
2. Nursery/ Growing area  

• The nursery ground must be free from alien plant species, live roots and other plant 
material.  The floor shall be paved, or covered with coarse gravel to insure that no dirt 
areas are exposed.  The walkways must be paved with concrete, black top or gravel.  

• A six feet buffer zone around the growing area must be free from any vegetation. 
• The plants must be grown in an enclosed area to prevent weed seeds from blowing into 

pots. 
• Plants and aerial roots shall not be grown lower than 18 inches from the ground level to 

top of benches.   
• Water hoses must be kept off the ground.  
• No plants are to be placed over the propagative stock (hanging containers or secondary 

benches), nor under the benches to prevent contamination to plant material. 
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3. Media 
• See Attachment 3:  Approved Growing Media for a list of IT approved growing media.   
• Media must be stored on a concrete slab in an enclosed area (i.e., in bins that are covered, 

or warehouse) 
 
4. General Sanitation 

• The grower must sterilize tools at least daily. 
• The grower must keep growing area, benches, and work surfaces free from threats (i.e., 

alien plant species, nematodes, pathogens). 
• The workers shall also maintain the same requirements of cleanliness. 
• Benches and plant boxes, used pots, flats and implements must be cleaned and washed 

free from soil prior to each planting.  [There are no longer any nematocides that are 
registered for ornamental use to sterilize soil under benches.  Chlorox cannot be used for 
soil sterilizing, but is okay for bench, pot and tool disinfecting.  There is a fumigant 
(Vapam), which is registered for soil sterilizing, but is deadly to mammals and is 
impractical to use. (Murakami pers. comm. 1999)]. 

• All dead, diseased or infected material in or around the pots should be appropriately 
disposed of on a daily basis.   

• Dead, diseased or decaying plant material should be pruned off with sterilized tools (and 
re-sterilized between cuts) to prevent further contamination.  (i.e., flaming tools) 

• Adequate spacing between plants is necessary in order to have good air circulation 
between and around the plants to prevent pest problems. 

• Propagules must be free from threats (i.e., pathogen, nematode, etc.).  Use appropriate 
methods to clean plants (i.e., bleach solution).  Do not use any propagules that were 
infested with a virus or nematodes. 

 
5. Threat Control program 
*NOTE: The use of pesticides is governed by state and federal regulations.  Ensure pesticide use is in compliance 
with the law, and follow all label directions.  If there are any questions, please contact the State of Hawaii, 
Department of Agriculture Pesticide Division for further information. 
 

• It should be noted that if restricted pesticides are used, the applicator must be a certified 
pesticide applicator. 

• The grower must have a monitoring and spraying program for each threat category. 
• A copy of all the monitoring and spraying schedules, plant species treated, threat/pest 

treated, last time sprayed, and chemicals used will be submitted to the Army for review. 
• See Attachment 2:  Threat Monitoring and Control, for more information on specific 

threats.  
a) Look for signs and symptoms.  
b) Identify the target pests. 
c) Monitor for pests presence and their levels of abundance. 
d) Know their life cycle. 
e) Monitor on a weekly basis. 
f) Contact your local agriculture extension agent or DOA agent for proper 

identification, up-to-date chemicals and current control practices. 
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6. Nursery and Plant Inspections 
• The nursery will be inspected by the DOA as part of the nursery certification process.  

All of the plants in the certified area are inspected.  If the grower has areas that are not 
going to be covered under the certification, DOA agents will still factor in those areas as 
possible sources of inoculum and inspect a percentage of the total area. 

• The plants are to be inspected at least three times in the greenhouse setting. 
a) The nursery will be inspected every six months by a DOA agent to see if they are in 

compliance with the DOA nursery certification requirements. 
b) The grower will monitor the plants on a regular basis in the nursery.  The inspection 

can be done by doing a random spot check of 2-3% of the total growing area weekly 
or every two weeks (Murakami pers. comm. 1999). 

c) The plants will be inspected the day (or as close to the day) the  plants are to be taken 
to the reintroduction site.  The inspections will be performed by the DOA or the 
Army will contract an inspector.  

• The plants should be periodically monitored post-planting to detect any weed seedlings 
(or other pests) emerging from the root ball area of the plants.  

• Inspectors will inspect the nursery, outplanting sites, and/or quarantine house for 
arthropods, mollusks, nematodes, pathogens, and alien plant species. 

• Use traps and baits (i.e., sticky traps, ant traps, and slug bait) to monitor the presence of 
threats.  Check on a weekly basis. 

 
7. If plants fail inspection 

• Remove the infected plant from the growing or quarantine area. 
• Plants should be treated with the appropriate control method immediately to prevent 

further infestation. 
• Check the surrounding plants to see if they are also infected. 
• If the plant is infected with a virus, remove it from the nursery or quarantine area and 

destroy the plant.  Make sure that no part of the plant (i.e., leaves) is remaining.  Infected 
plant material is a source for potential contamination to the surrounding plants.  Be sure 
to wash your hands after handling the plant with the virus and disinfect any tools that 
were used. 

• Once the plant is treated and no threats are detected, it can be used for reintroduction or 
augmentation projects. 

 
QUARANTINE FACILITY 
 
In order for a facility to be used as a quarantine facility, it must meet the requirements stated in 
the sanitation guidelines above as well as the following requirements: 
 The quarantine facility must have insect screening on all walls and roof of the greenhouse.  

The recommended height for the roof is 12-20 feet.  This is to prevent heat build up close to 
the plants. 

 A daily walk-through of the facility is required to inspect the quarantined plants for possible 
threat problems. 

 Inspection of plant material will be done prior to outplanting by a qualified inspector (i.e., 
DOA, University of Hawaii Agriculture extension agent). 
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 Length of time in quarantine: At least two weeks, three weeks if the plants show 
susceptibility particularly to disease (note: at least 10 days is required to detect insects, 3 
weeks to detect fungal diseases).  

 
 
OPERATING PROCEDURES 
 
Transportation 
 The Army is responsible for the transportation of plants from nursery to quarantine site or 
outplanting site.  This is to reduce the amount of handling of the plants, and to prevent “sitting” 
time for the plants in a less desirable holding area which would increase the chances of 
contamination.  This is especially the case for plants obtained from contracted nurseries. 
The Army is required to do the following:   

• Use a vehicle free from threats (i.e., arthropods, mollusks, pathogens) to transport plants.  
The storage area of the vehicle shall be enclosed to protect the plants from wind damage 
and potential threat problems.  Follow the Army Environmental vehicle sanitation 
protocol. 

 
OUTPLANTING 
 

• Clothes, gear, tools, etc., should be free from foreign substances.   
• Use on site mulch if needed instead of bringing in to site. 



Appendix 1.4 Phytosanitation Standards and Guidelines 1-38  

Final Oahu Implementation Plan 2008 

Attachment 1:  Phytosanitation Checklist 
 

This checklist must be followed by all growers and will be used by the Army to ensure 
compliance prior to the acceptance of any plant material. 

 
 Nursery Facility Certified by the State DOA (see “Certification Requirements of Rooted 
Plants to Meet Burrowing Nematode Quarantine”) 

 Growing area, walls and roof, must be enclosed  
 Walkways covered with coarse gravel or paved with good drainage 
 No vegetation within six feet of growing area 
 No plants over or under growing area 
 Plastic/metal benches at least 18” above ground 
 Water hoses kept off ground 
 Adequate storage for media (concrete/paved floor and enclosed on all sides) 
 Adequate mixing and pouring and storage areas for pesticides 
 Adequate facility for washing and disinfecting pots 
 At least weekly inspections by greenhouse staff 
 Six (6) month inspections by DOA to ensure compliance 

 
Quarantine Facility 

 Certified by the State DOA (see “Certification Requirements of Rooted Plants to Meet 
Burrowing Nematode Quarantine”) 

 Facility must be enclosed with insect screening, and vents (if applicable) must be covered 
with insect screening.  Have roof 12-20 feet high 

 No vegetation within six feet of growing area 
 No plants over or under growing area 
 Plastic/metal benches at least 18” above ground 
 Water hoses kept off ground 
 Adequate mixing and pouring and storage areas for pesticides 
 Use of yellow and blue sticky traps to detect infestations early 
 Daily inspections by greenhouse staff 
 Six (6) month inspection by DOA to ensure compliance 
 Workers wearing clean clothing and shoes 

 
Equipment 

 Use of only State DOA approved growing media 
 Use of sterilized tools and benches, disinfected pots and trays (if reused) 
 Use of yellow and blue sticky traps to detect infestations early 
 Clean transportation vehicle to pick up and drop plants at other sites (see “Army 
Environmental vehicle sanitation protocol”) 

 Be prepared to detect and control pests, and have proper equipment and training available to 
conduct daily inspections (i.e., loop, insect ID) 
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 Adequate chemical application equipment and Personal Protective Equipment 
 
Chemical 

 Compliance with State DOA regulation regarding use of all pesticides 
 Completion of State Restricted Use Pesticide Applicator Certification if restricted chemicals 
are the only means of pest control 

 Prepared to apply broad and narrow spectrum fungicides for prevention and control 
 Prepared to spray broad and narrow spectrum herbicides for prevention and control 
 Prepared to spray broad and narrow spectrum insecticides for prevention and control 
 Prepared to spray greenhouse disinfectant (contact DOA for a list of approved chemicals) 
 Must be prepared to provide a spray schedule and history 

 
Cultural 

 Benches cleaned when rotating crops at least every other month 
 Appropriate watering schedule to prevent pests (i.e., not too wet) 
 Watering/irrigation done to prevent splash-over into adjacent pots 
 Dying/dead material removed daily 
 Plants spaced on benches to allow for adequate air movement and drying 
 Propagules inspected and cleaned before planting 
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Attachment 2:  Threat Monitoring and Control 
 
This reference is provided for the nursery grower to help identify threats, their signs and 
symptoms and suggested methods for their control.  This is just a general summary of threats, for 
more information contact your local agriculture extension agent, Department of Agriculture 
personnel, or the University of Hawaii Diagnostic Laboratory or Agricultural extension agent. 

 
1. Arthropod Monitoring and Control 

 Look for signs and symptoms.  
 Identify the target pest. 
 Monitor for pests presence and their levels of abundance. 
 Know their life cycle. 
 Monitor on a weekly basis. 
 Contact your local agriculture extension agent or DOA agent for proper identification, 

current control practices, and up-to-date chemicals to use. 
 
a) Ants: 

• DESCRIPTION:  There are many types of ants that affect plants in the nursery as 
well as in the wild.  They have six legs and have a chewing mouthpart.  They can 
range in color and size.  They live in colonies and the queen lays thousands of eggs in 
individual sacs. 

• SIGNS AND SYMPTOMS:  Ants are usually found on plants that have scale, mealy 
bug or any other insect that produces honeydew.  The ants farm these insects for the 
honeydew they produce.  They can be seen crawling all over the plant and/or pot.  
“Tunnels” built by ants that are made out of potting media from the pot can be found 
on the stems protecting insects that produce honeydew. 

• CONTROL:  There are two distinct types of ants to control.  One type is sugar loving 
and the other prefers an oil-based food.  Bait for ants at first sign of presence.  If 
population increases, find and destroy the nest. 
  

b) Aphids: 
• DESCRIPTION:  There are many types of aphids that attack plants; however, all of 

them are soft-bodied and have piercing sucking mouthparts.  Their bodies are pear-
shaped and can range in colors from yellow to green to black.  Aphids secrete a 
sweet, sticky substance, which is called honeydew.  Ants farm aphids for a constant 
source of honeydew, which is the ant’s source of food.  The females bear live young.  
Once they reproduce, aphids can have many generations a year.    

• SIGNS AND SYMPTOMS:  When aphids are present on the plant, pale yellow spots 
are visible on the foliage.  Also, leaves may be curled, puckered or stunted.  Presence 
of sticky honeydew is also a good indicator of aphids.  Sooty mold may be visible 
growing on the honeydew.  Check under leaves and at growing points for aphid 
infestation.   

• CONTROL:  Be aware that there are several beneficial insects that prey on aphids.  If 
population numbers increase, spray insecticide as directed on the chemical label.  Just 
a note: aphids are usually attracted to plants over-fertilized with nitrogen. 
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c) Beetles:  

• DESCRIPTION:  Beetles range in size, shape and color; however all have hard 
bodies and wings (Ball and Ball 1990).  They have chewing mouthparts. 

• SIGNS AND SYMPTOMS:  Check for chewed up plant parts such as leaves and 
flowers.  If left unattended, the beetle can totally denude the plant. 

• CONTROL:  Manually pick beetles from the plant by hand.  Remove leaf litter 
around the plant to eliminate suitable habitat.   

 
d) Black Twig Borer:  

• DESCRIPTION:  Adult females are twice a big as the males at about 1/16 inch long 
and are shiny black in color.  The males are reddish-brown in color and can’t fly.  The 
entire life cycle can take about a month to complete (Tenbrink and Hara 1994).  They 
have chewing mouthparts. 

• SIGNS AND SYMPTOMS:  Stems become weakened and breakage often occurs.  
Look for small round holes.  The twig borers will create holes in the branches and 
create a living area.  Die back of the plant is not caused by the borers feeding on the 
plant.  Instead, it is caused by the physical infestation and the introduction of 
pathogens (Tenbrink and Hara 1994).  

• CONTROL:  Remove and destroy infested parts.  There may be some biological 
control insects, but more information is needed.  Not too much is known about 
control methods.  

 
e) (True) Bugs: 

• DESCRIPTION:  True bugs range in body shape, size and color.  Typically, the body 
is shield shaped and about 1/6-1/2 in long (Ball and Ball 1990).  When smashed, they 
often exude a distinct odor.  They have piercing-sucking mouthparts. 

• SIGNS AND SYMPTOMS:  The infested plant may have disfigured growth such as 
discolored spots, stunted growth, or wilted shoot tips (Ball and Ball 1990).   

• CONTROL:  If infestation is low, hand pick the insects.  Clean the area surrounding 
the plant of leaf litter to decrease suitable habitat. 

 
f) Cutworms:  

• DESCRIPTION:  Cutworms are soft-bodied caterpillars that are dull gray or brown in 
color, and are 1 to 2 inches in length.  They are nocturnal feeders that find refuge in 
the soil or leaf litter during the day.  As adults, they change into moths.  The females 
lay the eggs in the soil, and they can produce an average of 5 generations a year.  
(Ball and Ball 1990). 

• SIGNS AND SYPTOMS:  If seedlings are mowed down or chomped down near the 
soil line, that’s a good indicator of cutworm damage.  Some cutworms also attack the 
seedlings from below the soil line, damaging the roots and causing the plants to wilt. 
(Ball and Ball 1990).  Damage look similar to mollusk damage. 

• CONTROL:  Put up biological, chemical or physical barriers around the seedlings to 
deter the cutworms.  There may be some beneficial biological control. 
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g) Leafhoppers:  
• DESCRIPTION:  Leafhoppers have wedge-shaped bodies that are 1/8-1/4in long.  

They have a hunched look to them since their folded wings are slightly protruding 
from their bodies. (Ball and Ball 1990, Kessing and Mau 1993a).  They range in 
colors from green, brown or yellow.  They are not very active, however, when 
disturbed, they can jump suddenly or move sideways with agility.  They have 
piercing-sucking mouthparts and can spread virus (Ball and Ball 1990). 

• SIGNS AND SYMPTOMS:  They feed on all part of the plant (except the roots).  As 
they feed, toxins are released into the plant causing yellowing or discoloration.  
Leaves will turn yellow and fall off.  Leafhoppers excrete honeydew, so ants and 
sooty mold may be present. (Ball and Ball 1990)  

• CONTROL:  There may be some beneficial biological control (e.g. mymarid wasp) 
(Kessing and Mau 1993b).  Keep area around plants clear of leaf litter and alien plant 
species. 

 
h)  Mealy bugs: 

• DESCRIPTION:  Mealy bugs have piercing-sucking mouthparts, and can attack 
either the foliage or the root system, depending on the species.  They are mobile 
throughout their lifecycle.  Depending of the species, males are relatively short-lived, 
living an average of 27 days, while the females can live around 115 days (Martin and 
Mau 1992).  Their bodies are covered with a white waxy substance that gives it a 
“mealy” look (Tenbrink and Hara 1993). 

• SIGNS AND SYMPTOMS:  Leaves will look droopy and the areas they feed on will 
be yellow and discolored.  They excrete honeydew, which can cover portions of the 
plant.  Look for sooty mold, which grows on honeydew.  If ants are present, that’s a 
good indicator that mealy bugs are there.  They can be vectors of pathogens. 

• CONTROL:  There may be some beneficial biological control (e.g., parasitic wasps).  
Mixing white oil with the chemical will aid in smothering the scale.   

 
i) Scale insects: 
• DESCRIPTION:  Scales are related to mealy bugs and aphids, and have bodies that 

range from 1/12 inch to 1/5 inch (Ball and Ball 1990).  Most scales are only mobile 
during the first stage of their lifecycle.  Usually, after their first instar, the female 
scales become immobile attaching themselves to the plant and form a protective coat.  
This protective coat can vary from cottony white masses to waxy shells.  Males, if 
present, are not able to feed since they don’t have mouthparts.  The females either lay 
eggs or bear live young under the protective scale (Mau and Kessing 1992).  Several 
generations can be produced per year.  (Ball and Ball 1990) 

• SIGNS AND SYMPTOMS:  Areas where they are feeding on will turn yellow and 
may drop.  They excrete honeydew can cover portions of the plant.  Look for sooty 
mold, which grows on honeydew.  If ants are present, that’s a good indicator that 
scales are there.  They can be vectors of pathogens. 

• CONTROL:  There may be some beneficial biological control (e.g., parasitic wasps).  
Spraying the scale during their mobile stage is the most effective chemical practice.  
The dead scales are persistent on the plant, so check the scale population prior to 
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spraying (it may just be dead scale shells).  Just a note: Over use of nitrogen fertilizer 
can encourage growth of scale attracted to succulent new growth. 

 
j) Spider mites: 
• DESCRIPTION:  Spider mites are extremely tiny.  Adult females, which are larger 

than the males, are not any bigger than 1/20 inch (UCDANR 1995).  They have 
piercing-sucking mouthparts that they use to feed on the underside of leaves and 
flowers.  As they feed, toxins are injected into the plant that result in distorted growth 
and discoloration of the plant.  New generations can be produced as quickly as 2 
weeks if the conditions are right (Ball and Ball 1990).   

• SIGNS AND SYMPTOMS:  Check the underside of leaves and on flowers for 
webbing and tiny excrement pellets as this will indicate the presence of spider mites.  
Also, if the foliage begins to turn yellow and develop a dry, sandpapery texture, or 
become distorted in growth that is a good indicator of spider mites.  To check whether 
the spider mites are still on the plant, use a hand lens and examine the underside of 
leaves.  Tap the branch tip or leaves while holding a white paper underneath to catch 
the spider mites. (Ball and Ball 1990, UCDANR 1995) 

• CONTROL:  There may be some beneficial biological control (e.g., parasitic mites 
and ladybird beetles).  Spider mites thrive in hot, dry, dusty conditions.  The warmer 
the conditions, the faster they reproduce.  Make sure the plants have adequate water 
because when plants are water-stressed, they are more susceptible to spider mite 
damage.  Be aware that some chemicals such as carbaryl and pyrethroids can actually 
increase spider mite production (UCDANR 1995).   

 
k) Thrips:  
• DESCRIPTION:  The adult thrips are winged and are less than 1/25 inch long.  They 

are shiny and usually black or yellow in color and have a rasping mouthpart.  Thrips 
can produce approximately 8 generations per year.  They thrive in dry environments 
so make sure the plants are adequately misted and watered (Ball and Ball 1990).  

• SIGNS AND SYMPTOMS:  Check the new growing tips or buds for thrips.  If the 
leaves are curled, or if tiny, black excrement on the leaves is visible, that’s good 
indicator that thrips are present.  Also, if there is dried tissue on the leaves, or 
discoloration or disfiguration of the leaves or flowers, that can be another indication 
of thrips (Ball and Ball 1990 UCDANR 1996).   

• CONTROL:  There may be some beneficial biological control (e.g., predatory mites).  
Prune affected flowers and foliage, and dispose of properly.  Use sticky traps to 
monitor.  Keep plants adequately watered, and do not let it become water-stressed 
(Ball and Ball 1990, UCDANR 1996). 

 
l) Whitefly:  
• DESCRIPTION:  Whiteflies are white, tiny moth-like four-winged insects with 

piercing-sucking mouthparts.  The immature whiteflies resemble aphids, however 
they are legless and not very mobile once they start feeding (Ball and Ball 1990, Flint 
and Parrella 1995).  They produce many generations per year, sometimes one 
generation in less than three weeks depending on the temperature.  They thrive in 
warmer climates (Flint and Parrella 1995). 
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• SIGNS AND SYMPTOMS:  Check the underside of the leaves for whiteflies.  If 
present, the leaves will prematurely turn yellow and then fall off.  The plant growth 
will also be stunted.  Whiteflies produce honeydew, so check for presence of sooty 
mold or ants.   

• CONTROL:  There may be some beneficial biological control (e.g., parasitic wasp).  
Use sticky traps to monitor the whitefly population on a weekly basis in conjunction 
with a weekly foliage inspection (Flint 1995).  Horticultural soaps and other 
insecticides can be effective in controlling the population.  “Try to time treatments 
when your monitoring results indicate that most of the population is in the first, 
second, or third instar stage” (Flint 1995).  When spraying, make sure there is good 
coverage of insecticides to the underside of the leaves. 

 
2. Weed Monitoring and Control 

 Any plant (alien or native) in the pot other than the designated plant is considered a weed.   
 Monitor on a weekly basis. 
 Install weed mat in and around the growing area. 
 Have a buffer area around the growing area/nursery of at least 6 feet 
 Enclose growing area to prevent weed seeds from blowing in to pots. 
 Pull alien plant species from pots and growing area as they come up.  Do not let them go 

to seed. 
 If weed problem gets out of hand, apply herbicide.  
 Contact your local agriculture extension agent or DOA agent for proper identification, 

up-to-date chemicals and current control practices. 
 
3. Nematode Monitoring and Control 

 Look for signs and symptoms.  
 Identify the target pests (make sure it is a nematode).   
 Know their life cycle. 
 Monitor on a weekly basis. 
 Due to the fact that there are many different nematodes, contact your local agriculture 

extension agent or DOA agent for proper identification, up-to-date chemicals and current 
control practices. 

 
• DESCRIPTION:  Nematodes are tiny, microscopic, worm-like organisms that are 

usually translucent with a white hue, and have bodies that are covered by a tough 
cuticle (Ball and Ball 1990).   

• SIGNS AND SYMPTOMS:  In general, plants affected by nematodes look unhealthy 
or stunted.  It is difficult to identify nematode damage, but damage from a root-knot 
nematodes can be seen as galls on the roots.  Look for plants that look sickly for no 
apparent reason.  Chlorotic leaves or yellow patches on the plant, wilting, and 
stunting are the main symptoms to look out for.  For a positive identification, a 
dissection of the root is necessary.  If nematodes are present, roots will be reduced 
and have galls (Holtsmann and McSorley 1993, Ferreira and Boley 1991). 

• CONTROL:  There are a few cultural control steps that can be implemented to 
prevent the spread of nematodes.  Have good sanitation practices like removing and 
destroying infected parts or plants from the growing area and disposing of them 
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properly.  Do not dispose of in the compost piles.  There are some nematocides that 
are no longer recommended for control.  It would be best to contact DOA, or a UH 
Agriculture specialist to check on the species of nematodes, and chemicals to use for 
controlling nematodes.  

 
4. Mollusk Monitoring and Control 

 Look for signs and symptoms.  
 Identify the target pests (make sure it is a pest and not a beneficial insect).   
 Monitor for pests presence and their levels of abundance. 
 Know their life cycle   
 Monitor on a daily basis, usually early morning is best. 
 Contact your local agriculture extension agent or DOA agent for proper identification, 

up-to-date chemicals and current control practices. 
 

a) Slug 
• DESCRIPTION:  Slugs are terrestrial mollusks that do not have shells.  They have 

slimy bodies, are usually 1 to 2 inches (some can even reach 8 inches) long and travel 
on a foot that leaves a trail of slime behind.  The colors range from white, yellow to 
black.  They have a rasping mouthpiece.  The eggs are in translucent-white, 
individual sacs, which form a cluster, and are usually found in dark, cool, moist areas 
or underground.  Slugs can produce about 6 generations per year and take about a 
year to mature. (Deputy and Murakami 2000). 

• SIGNS AND SYMPTOMS:  Look for the slime trail, which is usually silver in color.  
Damage to the plant, such as large ragged holes in leaves, flowers, and stems, is done 
by the slug.  They can quickly defoliate the plant if not controlled.  Check the 
undersides of pots and in drainage hole of the pot to see if they are present.  Slugs 
begin feeding at the bottom of plants and work their way up (Ball and Ball 1990). 

• CONTROL:  Keep area around plant and in pot clear of leaf litter.  Manually dispose 
of any slugs in growing area.  Set up traps to lure slugs and then dispose of them.  Set 
up a physical or chemical barrier to deter slugs.  Use baits to kill slugs (Deputy and 
Murakami 2000). 

 
b) Snails 

• DESCRIPTION:  Snails are soft-bodied mollusks that are protected in a shell.  They 
can range in color from cream, pink to gray.  The markings on the shell vary from 
species to species.  They can be found in moist, dark areas, usually coming out at 
night to feed with their rasping mouthpiece (Ball and Ball 1990).  They produce about 
80 eggs at a time, and can lay eggs up to 6 times a year.  The eggs are rounded and 
white in color, and can be found in the upper layer of the soil.  The snails mature in 
two years (Deputy and Murakami 2000). 

• SIGNS AND SYMPTOMS:  Look for the slime trail, which is usually silver in color.  
Damage to the plant, such as large ragged holes in leaves, flowers, and stems, is done 
by the snail.  They can quickly defoliate the plant if not controlled.  Check the 
undersides of pots to see if they are present (Ball and Ball 1990). 
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• CONTROL:  Keep area around plant and in pot clear of leaf litter.  Manually dispose 
of any snails in growing area.  Set up traps to lure snails and then dispose of them.  
Set up a physical or chemical barrier to deter snails.  Use baits to kill snails (Deputy 
and Murakami 2000). 

 
5. Pathogen Monitoring and Control 

 Look for signs and symptoms. 
 Identify the pathogen.   
 Know their life cycle. 
 Monitor on a daily basis. 
 Contact your local agriculture extension agent or DOA agent for proper identification, 

up-to-date chemicals and current control practices. 
 
a) Bacterial disease 
• SIGNS AND SYMPTOMS:  Infected plants often have rotted leaves, stems, 

branches, or tubers, which have a foul odor.  When cutting into an infected area, a 
small amount of whitish or yellowish ooze will seep out.  Other symptoms include 
wilted leaves or stems, or odd shaped galls on the stem or on the roots near the soil 
line.  Symptoms can spread quite quickly by splashing water (such as irrigation or 
rain) or by infected soil.  They can enter a plant either through wounds or through the 
stomata (Ball and Ball 1990). 

• CONTROL:  Besides chemical control methods, also remove all infected plants, and 
wash hands and sterilize tools after handling infected plants.  Provide ample spacing 
between plants to encourage good air circulation.  Clean up and remove diseased 
plant parts and dispose of them by placing in plastic bag or sealed container right 
away.  

 
b) Fungal diseases 
• SIGNS AND SYMPTOMS:  Look for rust-colored or powdery-white looking spots 

on either side of leaves.  These spots will eventually make the leaf chlorotic and will 
eventually kill the leaf tissue.  Also, look out for water soaked spots, greasy looking 
areas, or black streaks or blotches on the leaves or stems (Ball and Ball 1990).   

• CONTROL:  Besides using fungicide control methods, remove affected areas and 
dispose of in a plastic bag or a sealed container.  Be sure to wash hands and sterilize 
tools after handling infected plants.  Provide ample spacing between plants to 
encourage good air circulation (Ball and Ball 1990). 

 
c) Viral Diseases 
• DESCRIPTION:  “Viruses are basically parasites, multiplying inside their hosts or if 

no host is available, lying inactive but viable in dead plant material for up to 50 years 
while waiting for a new victim” (Ball and Ball 1990). 

• SIGNS AND SYMPTOMS:  Be aware of plants that have poor overall growth (like 
stunted leaves, and flowers).  There may be yellowish mottling patterns on the leaves, 
stems or blossoms that make the plant look sickly (Ball and Ball 1990). 
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• CONTROL:  Viruses are spread by insects with piercing-sucking mouthparts such as 
aphids and leafhoppers.  Garden tools and humans are other vectors of viruses.  Do 
not take cuttings from infected plants as the cuttings will also have the virus.  Remove 
and destroy (not in the compost pile) the infected plants, and wash hands and sterilize 
tools after use (Ball and Ball 1990). 

 
6. Small Mammals and other pest monitoring and control 

 Look for signs and symptoms. 
 Identify the target pests.  
 Monitor for pests presence and their levels of abundance. 
 Know their life cycle   
 Monitor on a daily basis. 
 Contact your local agriculture extension agent or DOA agent for up-to-date chemicals 

and current control practices. 
 

a) Rats/Mice 
• SIGNS AND SYMPTOMS:  Look for seedlings and/or seeds dug up, uprooted and 

eaten.  Droppings and tracks. 
• CONTROL:  Traditional mousetrap and bait.  Use good sanitation practices by 

cleaning up all possible food sources, using rodent-proof containers of metal or glass, 
and removing tall grass, alien plant species and shrubby growth. 

 
b) Birds 

• SIGNS AND SYMPTOMS:  Young seedlings and/or buds may be nipped off.  Look 
for droppings and feathers. 

• CONTROL:  Barriers and deterrents like metallic ribbon and owl figures. 
 

c) Toads and Frogs 
• SIGNS AND SYMPTOMS:  Look for evidence of nestling in pots such as vegetation 

in pots that are smashed or pushed to the side of the pot.  Toads and frogs are 
potential carrier of nematodes.   

• CONTROL:  Do not have standing water anywhere that would make it favorable to 
toads or frogs.  Capture manually and dispose/release in favorable habitat far away 
from the growing area. 
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Attachment 3:  Approved Growing Media 
 
This list of approved growing media was modified from the Department of Agriculture’s  
Approved Growing Media for Japan-Hawaii Burrowing Nematode Certification Program. 

 
1) Peat 
2) Bark 
3) Bark charcoal 
4) Perlite 
5) Vermicultie 
6) Rock wool 
7) Pumice 
8) Volcanic cinder* 
9) Coir 
 
*If volcanic cinder is used, it must be from a cinder pit where the cinder source is certified.  This 
is a voluntary compliance with the Department of Agriculture. 

 
Note: Compost is NOT allowed in the growing media at any time.  It can carry pathogens, 
weed seeds/spores, and other pests. 
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Attachment 4:  Certification Requirements of Rooted Plants 
to Meet Burrowing Nematode Quarantine 
 

REVISED 8/82 
State of Hawaii 

DEPARTMENT OF AGRICULTURE 
Plant Quarantine Branch 

Honolulu, Hawaii 
 

CERTIFICATION REQUIREMENTS OF ROOTED PLANTS 
TO MEET BURROWING NEMATODE QUARANTINE 

 
1.  QUARANTINE 
 
The states of Claifornia, Louisiana, and Texas have established a quarantine against the 
nematode, Radopholus similis.  The commodities covered by this quarantine are: 
 
A. All earths including sand and soil, except industrial sand and clay. 
 
B. All plants and plant parts with roots, including aerial roots, except: 
 

1. Air plants, including certain orchids and other plants produced epiphytically, if growing  
exclusively in or on soil-free material such as osmunda fiber, tree trunk, or bark. 

 
2. Aquatic plants if free from soil. 
 
3. Plants secured by air layering if roots are established and enclosed in the original soil-free 

moss wrappings. 
 
4. Root and soil-free cuttings of Ti (cordyline subsp.). 

 
C. All parts of plants produced below the ground or soil level except: 
 

1. Dormant bulbs and corms for propagation, if free from roots and soil, but not including 
taro corms for propagative purposes. 

 
2. All fleshy roots, corms, tubers and rhizomes for edible or medicinal purposes if washed 

or otherwise free of soil. 
 
D. All plant cuttings for propagation. 
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II. CERTIFICATION REQUIREMENTS 
(Based on California's Quarantine 25, the most restrictive of the three states involved.) 

 
All commodities covered by this quarantine are prohibitive entry into these states unless each 
shipment or lot is accompanied by a certificate issued by a State Plant Quarantine Inspector, 
establishing that all material contained in the shipment meets one of the following conditions: 
 
 A.  It has been determined through survey by methods approved by the California, Louisiana 

and Texas Departments of Agriculture, at six month intervals that the burrowing nematode 
does not exist on the property or premise or facility used to grow the nursery stock, and that 
the seed or plant parts used for production of the plants were determined by the certifying 
officer to be free from burrowing nematodes, or 

 
 B.  The plants or plant parts being shipped to these states were protected from burrowing 

nematode infestation by all the following sanitation methods: 
 

 1. Propagated from clean seed or from cuttings taken at least 12 inches above the ground. 
 
 2. Planted in suitable material prepared or treated to assure freedom from burrowing   

nematodes. 
 
 3. Retained in sterilized pots, containers or beds. 
 
 4. Placed on sterilized benches or sterilized supports at least 18 inches or above from the  
     ground or floor level. 
 
 5.  Area beneath the benches or supports holding plants treated at six month intervals  
      with a registered nematocide or other material having nematocidal value and approved 
      by Department of Agriculture officials, except when smooth, clean flooring of 
      concrete is present. 
 
 6. Plants and growing media sampled using methods approved by these states and found 
      free of the burrowing nematode. 
 
 7. Protected from contamination until shipped. 
 
C.  The shipment consists of only unrooted plant cuttings of plants, which are not prime 
hosts, and the cuttings were taken at least 12 inches above ground level and were protected 
from contamination until shipped. 

 
*Root-free and soil-free cuttings 
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Ill.  PRODUCTION OF NEMATODE-FREE PLANTS OFF THE GROUND UNDER 
CONDITION 11-B 
(Including terrestrial or ground orchids such as Arundina, Bletia, Cymbidium Phaius, 
Spathoglottis, etc., grown in soil) 

 
A.  Growing Ground or Nursery Area. 
 

1. The nursery growing ground must be free from alien plant species, live roots and other 
plant growth (cleaned by bulldozing, hoeing or weed killers). 

 
2. The soil floor shall be paved, covered with plastic covering, gravel, black sand, cinders or 

similar materials. (Saw dust is not recommended because of its tendency to retain 
moisture which is favorable for the development and increase of burrowing nematodes.) 

 
3.Walkways must be paved with concrete, black top or gravel. 
 
4. The grounds shall be fumigated or treated with nematocides at dosages specified under 

III-C-1a-f. 
 
B.  Benches, Watering System, etc. 
 

1. The benches shall not be closer than 3 feet from the nearest shrubbery or plants or 
overhanging tree branches. 

 
2. Plants and aerial roots shall not be grown lower than 18 inches from the ground level to 

top of benches. 
 
3. Overhead sprinklers are recommended for watering but hoses may be used if they are 

kept off the ground. 
 
4. Benches and plant boxes, containers, flats and implements must be washed free from soil 

and treated with 5% formaldehyde, Vapam or similar nematocides prior to each planting. 
 
C.  Preparation of Planting Media and Treatment of Infested Grounds 
 

1. Sand, cinders or used peat fern fiber or moss, etc., must be sterilized or treated with 
nematocide. 
(Clean new peat, etc., need not be treated.) 

 
a. Steam sterilization 1600 ºF. - 2000 ºF. at center of media for 30 minutes. 

 
b. Methyl bromide (98%) 1-4 lbs. per 1,000 cu. ft. or 100 sq. ft. for 24 hours at 70 ºF. or 

above. (Under gas-tight cover-aerate 2-3 days.) 
 
c. DD Mixture 20-40 gals. per acre or 5 ml (1 tsp. per cu. ft. (No cover or water 

seal-aerate 1 week for every 10 gals./acre.) 
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d. EDB (40% by wt.) 20-40 gals. per acre or 1.7 ml (1/3 tsp.) to 5 ml (1 tsp./cu.ft.) 

(No cover or water seal-aerate 10-14 days.) 
 

e. Vapam:  1 qt. Vapam in water per 100 sq. ft. for 5 days (water seal-aerate 14 days or 
more). 

 
f. V-C 13 nemacide 1 pt.: 50 gals. water per 100 sq. ft. - 1/2 pt.: 9 gals. per 1 1/3 cu. yd. 

(1 tsp.: qt. water/per cu. ft.) (Drench-aerate 14 days.) 
 
NOTE: Contact Hawaii Department of Agriculture, Pesticide Section for Pesticide Use 
Requirements. 
 
D.  Planting Materials, Seeds. 

 
1. Clean seeds, rootless cuttings, aerial cuttings, crowns, or suckers taken well off the 

ground may be planted in clean or treated media under supervision. 
(The above materials must not contact the ground or soil at any time.) 

 
2. Rooted plants, off-shoots, suckers, corms and rhizomes (except benchgrown epiphytic 

orchids in moss) - each plant or propagative part must be determined as free from 
burrowing nematode before planting under supervision. 
(Laboratory inspection fee - charged at the rate of $2.00 for 1-6 "plants.") 

 
3. No plants are to be placed over the propagative stock (hanging containers or secondary 

benches). 
 
E. Cost of Inspection for Commercial Nurseries Upon Request. 

 
1. Nurseries carrying less than 10,000 plants of varieties covered by burrowing-nematode 

quarantines… 
 

$20.00 - each field inspection 
 

2. Nurseries carrying more than 10,000 plants of varieties covered by burrowing-nematode 
quarantines... 

 
$40.00 - each field inspection 

 
3. Mileage charge: For travel to and from the Department's offices, additional charges of 20 

cents per mile. 
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IV. PRODUCTION OF EPIPHYTIC ORCHID PLANTS GROWN OFF THE GROUND. 
 
In the quarantines, air plants include "certain orchids produced epiphytically if growing 
exclusively in or on soil-free material such as osmunda fern and bark."  The phrase "if growing 
exclusively" apparently is the criterion to reject or release the orchid plant upon arrival.  The 
theory is that if an orchid plant arrives on the mainland with the roots imbedded in the soil-free 
media, the inspector can be reasonably sure the plant was grown epiphytically off the ground and 
free from Randopholus similis.  If not, the plant may be rejected.  Certification in Hawaii is 
guided by the above and discretion of the inspector at the time of examination. 
 
Exceptions to the above interpretation can be expected from some counties.  San Luis Obispo 
County, California, has refused all rooted orchid plants regardless of the potting material unless 
certified with a special burrowing-nematode certificate.  To eliminate the uncertainty of 
rejections, commercial orchid growers should have their nurseries approved.  The following 
requirements must be met to qualify for special burrowing-nematode certificates. 
 
A.  All epiphytic orchid plants must have originated in soil-free media, kept off the ground and 

the premises inspected at six month intervals. 
 

1. Recommended height of benches, etc., at least 18 inches or higher from ground. 
 

2. Aerial roots must not touch the ground. 
 
3. Premises or greenhouses must be relatively free from alien plant species, live roots and 

other plant growths. 
 
4. Orchid plants growing on approved premises should be kept free from injurious insects, 

pests and diseases at all times. 
 
5. Overhanging tree branches. 

 
B.  Owners of approved nurseries must agree to ship clean plants, bench-grown in soil-free 

media only. 
 
C.  Cost of Inspection for Approval of Orchid Nurseries. 
 

1. Nurseries carrying less than 10,000 plants of varieties covered by burrowing-nematode 
quarantines… 

 
$20.00 - each field inspection 

 
2. Nurseries carrying more than 10,000 plants of varieties covered by burrowing-nematode 

quarantines... 
 

$40.00 - each field inspection 
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3. Mileage charge: For travel to and from the Department's offices, additional charges of 20 
cents per mile. 

 
 
V.  SHIPPERS OF SMALL LOTS OF ROOTED PLANTS (COMMERCIAL AND 
NON-COMMERCIAL) 
 
A.  Certification of small lots (1-6 plants) to California, Louisiana and Texas. 
 

(Large lots of 100 or more plants - inspection by special arrangements only.) 
 

Small lots of rooted materials or plant cuttings may be tested for the presence of the 
burrowing-nematode by subjecting the root or cutting samples to the Baermann funnel 
method of detecting nematodes as outlined in "Standard Procedures for County Plant 
Nematology Work" (PI. Path. B-61-6). 

 
B.  Places of Inspection. 
 

Plant Quarantine Station Plant Inspection Office 
701 Ilalo Street Lihue, Kauai, 96766 
Honolulu, Hawaii 96813 (Phone: 274-3071) 
(Phone: 586-0844) 

 
 Plant Inspection Office Plant Inspection Office 
 635 Mua Street  Kilauea and Lanikaula Streets 
 Kahului, Maui   96732 Hilo, Hawaii   96720 
 (Phone: 873-3556) (Phone: 974-4141) 
 
 
C.  Time Required. 
 

Owners must agree to leave plants at their own risk for about 5 working days pending 
examination. 

 
D.  Sample Preparation. 
 

Sufficient roots or part of the cutting will have to be removed for examination. 
 
E.  Conditions, etc., of Materials. 
 

Plants must be washed and may be repacked in spagnum moss, peat moss or vermiculite by 
the owner before submitting for inspection. 
 
Rhizomes, flowering ginger rhizomes, Heliconia, coconut plants, etc., should be brought in 
with roots and rootlets attached or be refused for testing. 
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It is recommended that antheriums, philodendrons, etc., be limited to young suckers, top 
cuttings or plants originating in moss and grown off the ground. 
 
Plant quarantine supervision of plants cut 12 inches above the ground level or collecting of 
rooted aerial growths of red ginger, papyrus on private premises for export certification is 
available on an appointment basis.  Charges for this service will be in accordance to 
Regulation 6. 

 
F.  Charges. 
 

$2.00 for 1-6 plants brought to Quarantine Station or Inspection Office. (Charges will not be 
refunded regardless whether or not plants are found to be infested with 
burrowing-nematodes.) 

 
NOTE:  Requirements and conditions stated are subject to change as the concerned 
state's quarantine regulations are amended from time to time. 
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Appendix 1.5 HRPRG Guidelines for Rare Plant Inventory, 
Monitoring and Collecting 

 
Instructions and Methods 

Hawaii Rare Plant Restoration Group 
 

 
This document, provided by Hawaii Rare Plant Restoration Group (HRPRG) and the Center for 
Plant Conservation Hawaii (CPC), serves as guidance when observing, inventorying, monitoring 
and collecting rare plant populations in Hawaii.  Attached are two forms the HRPRG 
recommends for use: the Rare Plant Background Data Form, and the Rare Plant Field Data 
Form.   
 
Rare Plant Background Data Form 
 
This form is to be used in the office and does not need to be taken into the field.  Information can 
be obtained from the Field Data Form or from other reference sources.  
 
CPC Population Reference : This code is assigned by the CPC office staff to be consistent with 

national CPC standards.  It is cross-referenced with individual 
agency population reference designations.  For example, the first 
individual marked in the first population of Cenchrus 
agrimonioides agrimonioides would have the reference code 
Cenagragr-A-01. 

 
All other requested information is self-explanatory. 
 
 
Rare Plant Field Data Form 
 
This form is designed for use in the field.  It has an introductory section where general 
population tracking information can be recorded (i.e., species, population #, observers, location, 
etc.).  It has an Individual Plants section for use when conducting a detailed population 
inventory or monitoring, or when collecting material for taxonomic, genetic, or propagation 
purposes.  It has a Population Structure section for tracking the age class within a population and 
a Population Information section for tracking phenology, vigor, and environmental 
characteristics such as canopy height and closure, topography, and edaphic conditions.  
Instructions for filling out each of these sections are listed below. 
 
Scientific Name:  Genus and species. 
 
Agency Ref. Code: Provide the population number assigned by the observer, or the observer’s 

agency.  An abbreviation of the population location can be included in the 
code.  For example a Cenchrus agriminoiodes agriminoiodes in Makua 
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Military Reservation would have an Agency Reference Code of 
Cenagragr-MMR-A-01. 

 
Observers:  Name all observers present. 
 
Agency:  Identify the observer’s agency affiliation. 
 
Location/Directions/ 
Flagging scheme: Record any and all information that could assist in relocating the 

population, including geographical coordinates (UTM or Lat.-Long. or 
GPS coordinates).  Also indicate if a GPS file exists, if it was sent to CPC 
and if it was entered into a GIS database.  Further descriptive directions 
could be included which would help to locate the population such as 
landmarks, trails and transect stations. 

 
Photo Taken (Y/N)  
Notes:   Record whether or not photographs were taken this visit.  If so, record 

photo record number, type and speed of film and other pertinent 
information that could aide in tracking-down previously taken 
photographs.  If fixed photo points were used, describe their location(s).  
A point of contact who is in possession of the negatives and other 
information about the photograph should be included. 

 
Elevation:  Record the elevation of the population in feet or meters (use the “~” 

symbol to indicate “approximate”). 
 
 
Date:   Record date of field visit. 
 
Individual Plants: This section must be completed when collecting fruit, optional when not. 

 
Plant Number:Record existing plant number or assign one.  Must sketch a map and/or  
  use a tag to indicate plant number. 
 
Tagged: Indicate whether or not the population is marked (including your own 
  numbered tag, flagging or label). 
 

 Sex:  For plants with perfect flowers indicate P (perfect).  Indicate sex of only 
plants with imperfect flowers (having only male or female reproductive 
parts within a flower).  Indicate in this column M (male); F (female), B 
(both) if male and female flowers exist on the same plant.  Mark Unk 
(unknown) if sex can not be determined. 

 
Height: Measure or estimate height or length of plant.  Height is measured from 
 the substrate to the point on the plant furthest from the substrate.  Length 
 is used for prostrate or climbing plants such as vines and grasses.  
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Basal               Record estimated diameter at 1 decimeter (dm) above root crown.  If you  

            Diameter: choose to use diameter at breast height (DBH), then indicate so in the  
                                    header of this column.  Indicate N/A for plants with impossible situations  
                                    such as Bunchy grass. 

 
Age Class: Use definitions from the Population Structure section below.  
 
Reproductive  

              Status: Indicate the reproductive status of the individual [i.e., in a vegetative state, 
   in bud, in flower, possessing immature fruit, possessing mature fruit, or in 
   a dormant (post reproduction) stage]. 

 
Vigor:  Assess the vigor of the individual plant; use your best judgment.   
 

       Material Collected: 
# immature fruit/seed:               Record number taken (indicate fruit or seed) 
# mature fruit/seed:                Record number taken(indicate fruit or seed)  
# cuttings:                            Record number taken 
Propagule destination:               Identify where the propagules will be sent 
Plan for Propagules Collected:  Identify the intended fate of propagules collected 

 
Population Structure:  This table must be completed for all site visits.  This table is 

designed to track the age structure of the population.  If an actual 
count is performed, fill out column titled “counted number of 
individuals”.  If only an estimate is performed, fill out column 
titled “estimated number of individuals.”  Identify the age class of 
the individual and define your age classes (Examples of age class 
definitions could be:  Mature = Indication that the plant has 
reproduced at some point in it’s life,  Immature = > 1 dm, but no 
indication of previous reproduction, Seedling = < 1 dm, no 
evidence of previous reproduction). 

 
Population Information: These boxes are intended for use in all population visits.   

 
Accuracy level: Indicate whether data is an actual count of all individuals or an 

estimate of the population.  Circle % or actual count. 
 
Phenology:  Designate phenological state for all plants recorded as mature in 

population structure section.  Record actual numbers of individuals 
in each category or estimate % of population that falls into each 
category by circling % or actual count.  Could exceed 100% 
because any given plant could be fruiting and flowering at the 
same time. 

 
Condition:  Indicate the “health” condition of the population by recording the 
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number of individuals in each category or by estimating the % of 
the population that falls into each category.  Circle % or actual 
count. 

 
Light level:  Indicate the light level in the immediate environment of the plant.  

Full sun, >95% of the day in direct sunlight, partial sun 50-95% of 
the day in direct sun, partial shade 5-50% of the day in direct sun, 
deep shade 0-5% of the day in direct sun.  Indicate % or actual 
count for each category. 

 
Habitat Characteristics: These boxes are intended for use in all population visits.  For the 

following categories, mark only one choice or indicate why more 
than one choice was marked.   

 
Overstory Closure: Circle the appropriate overstory closure class which defines the 

habitat of the plant.  Overstory is defined as the vegetation above 2 
meters.  

 
Overstory height: Indicate overstory height which defines the habitat of the plant.  

Choose all that apply. 
 
Understory Closure: Circle the appropriate understory closure class which define the 

habitat of the plant.  Understory is defined as the vegetation below 
2 meters. 

 
Soil Drainage:  Circle the appropriate soil drainage descriptor.  Well = No 

standing water high oxide content.  Moderate = wet with medium 
oxide content.  Poor = Reducing conditions show green or gray 
colored soils.  Hydric = standing water at or just below surface. 

 
Topography:  Circle appropriate topographic position of plants. 
 
Moisture class: Circle the appropriate estimated moisture regime.  (This may not 

be possible from field observations and should be confirmed 
through weather station data or other sources.)  If you mark more 
than one, explain. 

 
Slope:    Circle the estimated slope of the ground at the population. 
 
Aspect:  Indicate the aspect if there is a slope at the location (N, NW, 

NNW, etc.).  Write in N/A for flat sites. 
 
Associated Species: 

Overstory:  In order of abundance, record the most abundant associated 
overstory taxa (>2 meters) in the vicinity of the plant including 
those which define that type of habitat.  Indicate genus/species, can 
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use 6-letter abbreviations.  If the rare plant population is very 
scattered and associated species vary over its distribution, list the 
associated species but indicate they are in no particular order. 

 
Understory/ 
Ground Cover:  In order of abundance, record the most abundant associated  

Understory taxa (<2 meters) in the vicinity of the plant including 
those which define the habitat of that plant..  Indicate 
genus/species, can use 6-letter abbreviations.  If the rare plant 
population is very scattered and associated species vary over its 
distribution, list the associated species but indicate they are in no 
particular order. 

 
Substrate:   Identify the substrate (i.e., type of soil, cinder, sand, pahoehoe, 

etc.). 
 
Threats and Management: Identify any observed or perceived threats (i.e., weed species, 

ungulates, rodents, invertebrates, disease, fire, erosion, poor 
health).  Identify necessary or suggested management actions or 
list other comments.  Also indicate any management actions taken 
on the visit. 

 
Sketch map:   Please draw, to the best of your ability, a map of the site that could 

be used to relocate the population by persons who have never been 
there.  Indicate individual plant locations on map if fruit collected. 

 
 
 
 
 
 
 
 
 
 
Attachment 1:  HRPRG Rare Plant Field Data Form 
Hawaii Rare Plant Restoration Group 
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Rare Plant Field Data   
 
Scientific Name  ___________________________________________________    Date  ____________________ 
 
Agency  ____________________________________     Observers  _____________________________________ 
 
Agency Population Reference  __________________     Island  ______________     Elevation  ____________ft/m 
 
Location/Directions/Flagging Scheme/GPS Notes ____________________________________________________ 
 
____________________________________________________________________________________________ 
 
____________________________________________________________________________________________ 
 
Photo taken? Y/N  ___   Notes  ___________________________________________________________________ 
Individual Plant Information 

 Material Collected 
Plant 

 # 
Tag

? 
Y/N 

Sex  
P 
or 

M/F 
Both 

or 
Unk 

Ht. 
(m) 

Basal 
Diam 
(cm) 

or 
N/A 

Age 
Class: 

mature, 
immat, 

seedling 

Reproduct. 
Status: 

veg, bud, 
flwr, imm 
frt, mat frt, 

dormant 

Vigor: 
healthy 
mod, 
poor, 
dead 

# 
Imm. 
Fruit 

or 
seed 

#   
Mat. 
Fruit 

or 
seed 

#  
Cut- 
tings 

Propagule 
Destination & 

Purpose  
(i.e., Lyon for prop 
and reintro @ SB) 

            
            
            
            
            
            
            
            
            
            
Population Structure 
Age Class Observer Definition of Age Class  (Define criteria for seedling, immature, 

and mature, e.g., height, reproductive status, etc.). 
Counted #  

of Individuals 
Estimated #  

of Individuals 
Seedling    
Immature    
Mature    
Total    
 
Population Information (If multiple categories chosen, explain in comments section below.) 
Accuracy level 

(circle) 
Phenology 
(for mature 

Indicate 
% or 

Condition Indicate 
% or 

Light Level Indicate % or 
actual 
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plants) count count 
Actual count Vegetative  Healthy  Full sun >95%  

Estimate Bud  Moderate  Partial sun 50-95%  
 Flower  Poor  Partial shade 5-50%  
 Imm Fruit  Dead  Deep shade 0-5%  
 Mat Fruit      
 Dormant      
Habitat Characteristics (circle) 

Overstory 
Closure 

>2m 

Overstory 
height 

(All that 
apply) 

Understory 
Closure 

<2m 

Soil Drainage Topography Moisture 
Class 

Slope 
(degrees) 

Closed75-
100% 

2-5m Closed 75-
100% 

Well crest  Dry 
<25”/yr 

flat 0-10° 

Intermediate2
5-75% 

5-10m Intermediate 
25-75% 

Moderate upper slope  Dry-Mesic  
25-50”/yr 

moderate 10-
45° 

Open 0-25% >10m Open 0-25% Poor mid slope  Mesic 
50-75”/yr 

steep 45-70° 

   Hydric lower slope  Wet-Mesic 
75-100”/yr 

vertical 70-
90° 

    gulch bottom Wet 
>100”/yr 

 

    plateau-flat   
 
Aspect (e.g., N,NNW,N/A)______________________ 
 
Associated species in order of abundance 
Overstory >2m__________________________________________________________________ 

____________________________________________________________________________ 
Understory/Ground Cover <2m(woody and herbaceous)_______________________________________________ 

____________________________________________________________________________________________ 
Substrate  (e.g., soil, pahoehoe, rock, sand, etc.)  ___________________________________________ 

 
Comments on threats (alien plant species, ungulates, arthropods), management suggestions and actions  
 
____________________________________________________________________________________________ 
 
____________________________________________________________________________________________ 
 
____________________________________________________________________________________________ 
 
Sketch Map  
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Appendix 1.6 HRPRG Collecting and Handling Protocols 
 
Hawaii Rare Plant Recovery Group - Collecting and Handling Protocols 
 
General Information 
 
What do I need to provide to the propagation facilities when I submit my samples? 
 
1.  Provide whenever possible the Rare Plant Field Data Form.  If not, include with plant material 

sample descriptors such as: 
 

• Genus, species, subspecies, etc. 
• Collection organization 
• Collector 
• Date of collection 
• Collection site 
• Collection number 
• Type of material 
• Purpose of collection 

 
This is to ensure accurate documentation of the plant samples. 

 
2. Label all samples legibly and unambiguously.  Make sure all samples are tagged. 

3. If any special or significant sampling methods were used, note what was done. 

4. Note any pest problems associated with the parent plant at the time of collection. 

5. If possible, make arrangements with the propagation facility before sample collection. 

6. Submit samples to the propagation facilities as soon as possible!  Delays may have 
deleterious effects on sample viability. 

 
 
How do I handle my plant samples after I collect them? 
 
1. Insulate from heat.  Keep at ambient to cool temperatures but do not freeze. 

2. Try to cushion material so it won’t be crushed. 

3. Do not pack samples with excessive moisture or allow samples to sweat in the bags for an 
extended period of time.  This promotes fungal and bacterial growth and accelerates the 
decline to sample quality. 

4. Send to propagative facilities as soon as possible. 
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Collecting and Handling of Seed Propagules 
 
Seed quality is primarily dependent upon the seed collector’s methods and post harvest handling 
of material.  Knowledge of timing and habit of natural seed dispersal is helpful (though not 
always available) in seed collection.  Attention to inflorescence structure and their seed maturity 
patterns are also important in determining what to harvest. 
 
Loss of seed viability is due to: 
1. Excessive temperature. 

2. Development of anaerobic conditions around the seeds caused by their own respiration.  This 
is due to storing in plastic bags or tight packing. 

3. Prolonged time interval from collection of samples to propagative facilities under conditions 
conducive to fungal and bacterial growth.  Samples of fleshy fruit stored in plastic bags 
should be aerated intermittently in immediate delivery is not possible. 

Dry dehiscent Only available before it disperses.  Try to harvest just before dehiscing. 

Dry 
Indehiscent 

Dependent upon when and how dispersed.  For example, wind dispersed, 
by animals or insects, etc. 

Fleshy fruits Need to know if recalcitrant (desiccation intolerant) or orthodox 
(desiccation tolerant). 

Recalcitrant Seed 

Recalcitrant seeds cannot withstand any drying.  Some have seed coats adapted to prevent 
excessive water loss while others have no such adaptation and are prone to rapid water loss post 
harvest. 

In fleshy fruits, high seed moisture can be maintained by keeping the fruit intact.  Seeds can be 
stored in impermeable plastic bags, but must be aerated by opening the bag intermittently to 
compensate for the restrictive gas exchange environment. 

Insulate against heat and temperature extremes.  Try to maintain a temperature as close to 
ambient as possible. 

In mature fruit, indicate if picked off the ground or parent plant.  Try not to collect from the 
ground if possible, unless it is known that they have recently fallen. 
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Orthodox Seed 

In general, the desiccation tolerance of orthodox seed varies throughout its development.  They 
tend to be intolerant of drying during early development and become more tolerant as the seeds 
mature. 

If the fruits are immature, leave the seed within the fruit.  Treat in the same manner as 
recalcitrant seeds. 

Mature seeds from dry indehiscent or dehiscent fruits can be kept in permeable containers such 
as paper or cloth bags. 

Collecting and Handling of Vegetative Propagules 

Successful propagation of vegetative propagules is dependent upon many different factors such 
as the vigor of the parent, the collection date and even the environmental conditions at the time 
of collection.  Correct handling of vegetative material is also important. 

1. Vegetative materials deteriorate quickly post harvest and quick transfer from field to the 
propagative facility is imperative to ensure maximum viability. 

2. Additional care must be taken during transport since they are easily damaged. 

3. Place under cool conditions, such as a cooler with ice packs, as soon as possible after 
collecting and during transport to the propagation facility. 

4. Try to collect samples that are insect and disease free. 

5. Minimize damage during harvesting and transport. 

6. In the case of vegetative cuttings, cut ends can be wrapped in damp towels or newspaper. 

 

Vegetative Cuttings (Herbaceous) 

The shoots harvested should be from the last mature flush of the plant.  Cuttings should be long 
enough to allow for trimming and possible division. 

If the plant species is known to be hard to propagate, small rooted plant suckers with some of the 
soil surrounding the roots could be taken if possible.  Whole plants should not be removed at any 
time. 

Vegetative Cuttings (Woody) 

Propagation of mature trees is more difficult in general than their juvenile counterparts; but in 
many cases, juvenile forms are not available for collection.  Whenever possible, the best material 
for propagation is the juvenile form.  If only mature forms are available, material from their 
juvenile gradients may have a better chance of success. 
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Roots and Tubers 

Timing of collection is important.  The collection of immature or sprouting storage organs can 
result in significant losses in viability.  In the case of plants that possess a dormant stage, a two-
visit strategy may be required.  One to identify individual clones and mark their location and 
another to collect the tubers or rhizomes once the top of the plant has died. 

Fern Fronds 

Fern fronds should be kept in plastic bags and not allowed to dry out during transport.  If 
immediate delivery to the laboratory is difficult, place frond between 2 sheets of paper and allow 
to air dry flat within a plastic bag propped open.  Spores will fall off frond as it dries.  Seal the 
bag shut when completely dry and maintain a flat position to keep the spores on the paper 
surface. 

Flowering Shoots 

Some flowering shoots contain vegetative buds that do not develop but remain dormant.  
Sometimes the dormancy can be broken to produce juvenile vegetative shoots.  Also, the 
immature flowers of a few tree species have been known to form adventitious shoots. 

Root Cuttings 

When lateral shoots are not available, such as in palms and other monocots, it is sometimes 
possible to produce vegetative shoots from root cuttings.  Roots are often considered to be more 
juvenile in age than most of the tree.  A juvenile gradient exists for roots, with the most juvenile 
material being closest to the trunk.  Sprouts arising naturally from the roots of trees generally are 
juvenile in form.  Store root cuttings in a moist sterile medium, such as peat moss. 

Decontamination of Collecting Tools 

Many of the Hawaiian endemic species have limited or non-existing ex situ collections, which 
necessitates the need for active in situ collecting.  It is imperative that precautions be taken to 
keep the natural populations as disease free as possible.  This is not only to maintain clean 
propagative stock material during collections, but also to ensure the integrity and overall health 
of the existing population and the surrounding flora.  While absolute elimination of all pathogens 
is impractical and impossible, procedures should be directed toward preventing the introduction 
of serious foreign pathogens.   

The risk of disease transmission of viral, fungal, or bacterial origin is a realistic possibility 
through the cutting implements used in collection of plant samples.  Whenever possible, plant 
cuttings should be made with a new, unused blade.  This can be accomplished by using an 
implement such as a box knife fitted with a disposable razor blade.  The used blade can be 
changed before cutting the next sample. 
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Dr. Stephen Ferreira at UH Plant Pathology has also suggested that any cutting of plant 
propagules performed post collection should be done with disinfected tools.  This is to prevent 
any disease contamination of the propagules before it goes to the propagation facility. 

Decontaminate tools: 

Make a 5 % to 10% solution of household bleach (such as Clorox manufactured by The 
Clorox Co.) and soak tools.  Let sit for 2-3 minutes then rinse well with water.  Always use a 
fresh batch of bleach solution. 

References: 

Bonga, J.M. and P. Von Aderkas (1992) In Vitro Culture of Trees. Kluwer Academic Publishers, 
The Netherlands. 

Falk, D.A. and K.E. Holsinger (1991) Genetics and Conservation of Rare Plants. Oxford 
University Press, Oxford, New York. 

Guarino, L., V. Ramanatha Rao and R. Reid (1995) Collecting Plant Genetic Diversity-Technical 
Guidelines. CAB International, Oxon, UK. 
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Draft Monitoring Protocol 1.2.1 
Belt Plot Sampling for Understory, Weeds, and Canopy 

 
22 September 2008 

INTRODUCTION 

The U.S. Army is currently involved in a major conservation effort to stabilize 
populations of endangered plant and animal species within lands they manage on the 
island of O‘ahu. These actions are conducted by the Army’s Environmental Division  
(AED) following strategies described in the Makua Implementation Plan (MIP) (Gon et 
al. 2001, Makua Implementation Team et al. 2003) and the O‘ahu Implementation Plan 
(OIP) (In Prep.). Both of these plans specify that monitoring will be conducted as part of 
the species stabilization efforts to evaluate the response of both the target species and 
their habitats to conservation management actions.  
 
To meet this requirement, monitoring protocols are developed for each management unit 
(MU) and target species population unit (PU) to assess changes in distribution and 
abundance of populations of native and alien plant species, as well as changes in 
distribution, structure, and composition of the dominant plant communities. The 
monitoring protocol described in this document focuses on monitoring both overstory and 
understory components of the plant communities within the U.S. Army’s Makua and 
O`ahu natural resource management units. This protocol includes collecting data on 
vegetation structure, species composition, and species cover for both native and alien 
plant species, which can be used to track changes in these parameters relative to ongoing 
and future management actions in this area. 

Monitoring Objectives 

Primary Objectives 

1. Assess the cover of alien plant species within a specific MU to determine if it is 
less than 50% across the sampled unit or continuing to decrease to ultimately 
meet that threshold requirement (Makua Implementation Team et al. 2003). 

 
2. If alien species cover is not below the 50% threshold, determine if this value is 

decreasing significantly toward that goal based on repeat monitoring of the MU. 
 

Secondary Objectives 

1. Monitor the status of native plant species within the MU and determine if their 
cover changes relative to management actions conducted within the unit. 

 
2. Assess the status and changes in bare ground (not vegetated areas) within the MU 

relative to management actions conducted within the unit. 
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3. Determine if any ungulates (feral pigs or goats) are detected within the fenced 
portion of a MU. 

Statistical Thresholds 

All of the sampling and analysis methods addressed in this protocol are based on the 
following assumptions: 
 

• The probability of making a Type I error (detecting change or difference when 
none exists) is <10% (Alpha = .10) 

 
• The probability of making a Type II error (missing change or difference that does 

exist) is <20%. 
 

• Minimum detected change or difference between two samples being compared is 
20% over the sampling period. This threshold may be revised in cases where the 
resulting needed sample size is too large to be practical. 

Sample Size Considerations 

An optimal sample size will be calculated following the collection of the initial set of 
data at a particular MU. Sampling effort will be stratified by the major plant communities 
within the unit, but may be pooled for analysis. For the first sampling effort within each 
MU, at least 100 sample plots will be established with no less than 10 plots per each plant 
community stratum. The results of this baseline survey will be used to assess the total 
sample size needed to monitor changes in species cover for the unit. 
 

FIELD SAMPLING 

Sampling Framework 

Vegetation sampling within the MUs is conducted using both transects and rectangular 
plots that are are established throughout the area using a systematic sampling scheme 
with a random start for the initial point. Since several different vegetation units may be 
found within each MU, the sample plots will be post-stratified into the different 
communities for analysis. It was decided that pre-stratification was not practical since the 
plant communities are closely interdigitated within the MU,(e.g., transects crossing both 
ridges and gulches), and some of the units may change significantly in plant species 
distribution, composition, or vegetation structure as a result of management actions 
within the unit, particularly following removal of ungulates and weeding. 

Transect and Plot Layout 

Using ArcMap a base line is selected running across the long axis of the MU. Along this 
base a series of points at 10 m intervals are plotted to serve as potential starting points for 
the first transect. One of these points is selected using a random numbers table and used 
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to establish the first transect in the MU, running perpendicular to the base line. Additional 
transects are then placed at 500 m intervals parallel to the initial transect, extending to 
encompass the entire MU. Transects within a MU are numbered from north to south, with 
the zero point established at the end with highest elevation on the initial reference 
transect. All other transects within the MU then follow this numbering orientation. Initial 
location coordinates and for the start points for each transect are obtained from the GIS 
and used to locate the sampling points in the field. Compass bearings for transects are 
also generated using the GIS. When transects and plots are sampled for the first time, 
location coordinates are taken using a field GPS unit. Both the GIS and GPS should be 
setup using UTM Zone 4 projection and NAD 83 datum base. 
 
Sampling plots are located along each transect. Each plot is 5 m wide (extending 2.5 m to 
each side of the transect line), and 10 m long. The distance between the end of a plot and 
the start of the next plot should be 20 m. However, for small MUs, this distance may be 
reduced (even down to zero) to allow for the establishment of at least 100 plots within the 
unit.  
 
The start point for the first plot on each transect within a MU is located using the GIS-
generated coordinates. From this point a meter tape or pull-line marked with 5 m 
intervals is fixed and extended along the GIS-generated azimuth for the transect. The start 
and end points for each plot are marked using yellow and blue colored flagging tape tied 
to a woody stem within 30 cm of the actual point. If there is not a suitable place to tie the 
flagging within this distance, it is tied to a PVC pipe that is pounded into the ground. An 
aluminum tag with the transect number and distance is also tied to this point. 
 
If it is impossible (due to terrain) or inappropriate (due to sensitivity of the area) to 
continue the transect along the specified bearing, the compass heading should be changed 
by 45 degrees away from the impediment. As soon as the terrain permits, complete the 
sampling plot, then return to the original compass heading prior to delineating a new plot. 
(NEEDS FIGURE). 

Data Collection 

Within each plot, data are recorded on cover in several pre-defined plant species 
associations, as well as the presence and cover of each species by specified vegetation 
layers, using the Belt Plot Sampling Field Form (Appendix A) or this form loaded onto a 
field PDA unit or data logger. In addition to recording plant data, information is recorded 
on when the plot was sampled and by whom, data on the plot location (GPS coordinates), 
plant community type, if photographs were taken, and other comments on the site or 
conditions. Value tables for the major data variables are provided in Appendix B. 
 
Understory vegetation is considered to be all live foliage up to 2 m from the surface of 
the ground; canopy vegetation is foliage that is greater than 2 m above the ground. Dead 
foliage on the ground is considered to be litter and is not recorded. Bare ground is defined 
as areas from 0 – 10 cm above the ground surface that are not directly covered by live 
foliage. Cover values for both species and species associations are estimated in 10% 
cover classes, except for values less than 10% cover which are estimated at finer 
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resolution (Table 1). When estimating cover values it is best to have two people 
independently come up with a value, then discuss the results to arrive at the consensus 
value that is recorded on the data form.  
 
Species are recorded on the form using the standard 3x3 species field code. For any 
species that cannot be determined in the field, enter the three letter code for the genus 
followed by “sp” (e.g., MelSp). Indicate in the comments section if a specimen was 
collected to help with identification. If this is the case, make sure that the determined 
name is added to the field form as soon as possible. For plants that you cannot determine 
to genus, enter UNKSP1 (for unknown species 1), and indicate that a collection was 
made for final determination. 
 

DATA MANAGEMENT 

Database Description 

A relational database has been designed in MS Access to allow for data entry and 
management prior to analysis. This database consists of a set of linked tables, queries that 
are used to join fields together, a data entry form and related subforms, as well as several 
data report forms.  

Data Entry and QA/QC 

If data were collected using a paper field form, all of the information is entered into the 
monitoring database using the main data entry form (Belt_Plot_Main) (see Appendix B). 
This form allows for several functions including initial data entry and update, creation of 
new entries for the Observers and Plant Communities fields, as well as running reports 
used to check the data. If data are entered into the database manually, it is important that 
a subset (at least 10%) of the entered records is randomly selected and all entries checked 
for accuracy against the data on the original field sheets. If >10% of these records contain 
errors in fields other than the Comments field, all records will need to be verified and 
corrected prior to doing another quality check. 
 

DATA ANALYSIS 

Data will be analyzed utilizing both parametric and non-parametric methods, depending 
on how well they meet the assumptions needed for the various tests. Data analysis for 
each MU will consist of two steps: baseline analyses following collection of the initial set 
of data, and analyzing changes in variables over time after the completion of each new 
sampling effort at the MU. 

Baseline Data Analysis 

Descriptive statistics will be calculated for all variables following collection of the initial 
baseline data for each MU and this information will be used to assess current conditions 
of the variables relative to the monitoring objectives and to help decide what analysis 
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strategies will be appropriate. Additionally, the baseline data will be used to assess the 
adequacy of sample sizes for the most important variables. 
 

Trend Analysis 

After data are collected following the completion of a new monitoring cycle, analyses 
will be performed to assess trends of selected variables relative to the thresholds 
identified in the monitoring objectives for this protocol. These analyses will include 
paired tests (to compare changes in variables between two specific points in time), trend 
analysis (e.g., regression analysis), and repeat measures ANOVA. 
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Area or MU: _______________________   Date: __________________ Obs1:
Obs2:

Transect: Plot Start: Bearing: Others:

UTM Coordinates    X: _________________   Y: _________________   Err: ______ Datum:

Ungulate Sign?      Y     N Describe: Photos:

Veg Type: Alien Gulch     Gulch Zone     Wet Crest     Uluhe Dom Other

Comments:

SP. ASSOCIATIONS NS: XS:
NF: XF: <1 %
NG: XG: 1 - 5 %

Other : : >5 - 10 %
Bryophytes: Not Veg: >10 - 20 %

>20 - 30 %
UNDERSTORY ∑ Native: ∑ Alien: >30 - 40 %

Sp Assn. Species Sp Assn. Species
or Layer Code % Cover or Layer Code % Cover

Native Canopy
LAYERS:   Native Understory; Alien Understory; Tree Canopy Alien Canopy

Total Canopy
DATA ENTRY Entered by: Date:
DATA CHECK Checked by: Date:

MIP/OIP NATURAL RESOURCES MONITORING PROGRAM
Protocol 1.2.1 - Belt Plot Sampling for Understory, Weeds, and Canopy

>50 - 60 %

       COVER VALUES
>40 - 50 %

Notes Notes

>60 - 70 %
>70 - 80 %
>80 - 90 %

>90 - 100 %

APPENDIX A 

Field Data Form 
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 APPENDIX B 

Data Entry Form for Database 
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Appendix 1.8 Captive Propagation Protocols for Achatinella 
species 
 
Incubators 
Models- We currently have three environmental chambers in our captive propagation facility at 
the University of Hawaii, Manoa.  The model names and numbers are as follows:  Revco 
Scientific (gray two-door) (Model # RI-50-555A), American Scientific Products (tan one-door) 
(Model # I-22-LTPA), and Precision (white one-door) (Model # 818).  All of the environmental 
chambers run on 120 volts.  They are all capable of programmable day/night temperatures, 
programmable photoperiods, and are equipped with alarm set points in the event that the 
temperature within the incubator becomes too hot or cold. 
 
Temperature- For upper-elevation snails (2,500+ ft.), temperature should be maintained at 20°C 
during the day (light) cycle (12 hrs.) and 16°C during the night (dark) cycle (12 hrs.).  Ambient 
room temperature should be approximately 25°C.  The closer to 20° the ambient air is, the less 
the environmental chambers need to work, therefore increasing their lifespan. 
 
Water Spray- Plumbing within incubators is designed to provide simulated rainfall (one minute 
duration) three times per day, except for one day per week (simulating dry periods).  The 
spraying times are currently set at 12:00am, 8:00am, and 4:00pm.  Monitor rainfall frequently to 
catch any leaks or other problems.  Terraria will dry out quickly if they don’t receive water each 
day.  Drier terraria should be identified and hand-sprayed until better rainfall can be provided to 
them. 
 
Plumbing system- The plumbing system has been custom installed in each of our environmental 
chambers.  Two small holes (~2.54 cm diameter) have been bored into the incubators (one at the 
top, one near the bottom).  The top hole provides entry for the latex water tube; the lower hole 
provides for a drainage hose.  Hoses are connected to a water faucet in the lab; an electric Rain 
Bird yard-watering timer is hooked up to these hoses.  It is on this timer that the programming is 
done (i.e., a one minute duration, three times a day).  From the timer, the water-supply hose goes 
up to a manifold (near the top of the incubator).  This manifold splits the water from one garden 
hose to eight smaller latex tubes.  Black latex tubing (3 mm internal diameter X 1.6 mm wall 
size) is used.  It is important that the latex tubing is black, as this occludes light and prevents 
algae from growing within the tube and clogging it.  The ends of the tubes are equipped with 
Drip Mist (or equivalent) spray/mist nozzles.  These sit on a frame above the terraria.   
 
Drainage- This is accomplished with water collection pans and drainage tubes.  Terraria sit high 
above these pans on a screen “shelf” to prevent flooding (and drowning) of the snails.  
Connected to each collection pan is a tube that drains the water from it.  If a floor drain is 
provided, these drain tubes can simply be converged and emptied out into the floor drain.  If no 
floor drain is provided, some ingenuity may be needed to get the water up and out into a sink 
drain. (e.g., in our lab, a “toilet type” float switch and an underwater pump are used to pump the 
water up to our sink drain.) 
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Regular maintenance- Incubators should be checked regularly (if possible every day) for 
normal functioning.  Temperature should be checked to assure that it is being properly 
maintained, and clocks should be checked to make sure they have not been reset.  As mentioned 
above, the plumbing system should also be regularly checked for leaks, overflows, or clogged 
nozzles or drains. 
 
Troubleshooting- Power outages are probably the most important problem to address here.  A 
back-up power supply (generator) is the preferable means of avoiding this problem.  If no back-
up power exists, one must always be wary of power outages.  Intentional power outages should 
be avoided.  If they cannot be avoided, they should be no longer than 3 hours.  If the doors to the 
incubators remain shut during the outages, then they should be able to maintain a reasonable 
temperature for this length of time.  For any longer, unexpected outages, a generator capable of 
running the incubators should be rented and utilized until city power is returned.  When power 
returns, the incubators need to be checked to insure that the proper settings (temperature and 
photoperiod) have come back.  Clocks should be reset. 
 
Snail terraria 
Snail terraria can be made from clear plastic aquaria (e.g., “Critter Cages,” available at pet 
stores) or tupperware containers.  The lids of Critter Cages are fitted with plastic window screen, 
glued in place with a hot glue gun.  Drainage holes are cut in the bottom of the cage and fitted 
with more screen (glued in place).  Tupperware containers can also be modified similarly, 
making sure there are plenty of mesh-covered openings for water to come through at the top, and 
drain out through the bottom.  It is essential that terraria be designed so that there is 
complete drainage, with no pooling of water.  A small pool of standing water will drown 
snails.  To give an idea of size requirements: we currently house about 15 adult snails in a 
terrarium of the following dimensions: length = 22.9 cm, width =15.2 cm, depth =17.8 cm. 
 
Terraria should be regularly checked for leaks, holes and cracks, which generally can be repaired 
with a glue gun.  Keiki snails can escape through the tiniest holes, so watch out! See section 
below for details on cleaning of snail terraria. 
 
Food 
Leaf Collection- Achatinelline tree snails do best when maintained on glabrous (shiny, round 
leaves) Ohia lehua (Metrosideros polymorpha) leaves.  Branches can be searched out and cut 
using a tree trimmer.  Hand clippers may also be useful.  It is best to keep the branches as whole 
as possible, so that they will stay fresh.  Freycinetia arborea (ie ie) is another snail favorite.  
Leaves can easily be acquired in the field.  Pull them off the plant at the bases, instead of 
clipping them.  They will stay fresher longer this way.  Back in the lab, spray them down with 
water and refrigerate in a closed plastic trash bag.  Leaf collection is done biweekly no more than 
a couple of days before cleaning and changing leaves in the terraria.   
 
Fungus culture- Cultured fungus is an essential supplement to the snails’ diet.  After snails 
acclimate to eating the fungus (usually 4-6 weeks), they will generally thrive on it.  Currently we 
are maintaining a single line of Cladosporium cladosporioides that we feed to all of our snails.  
The Potato Dextrose Agar (Difco) medium on which the fungus grows is supplemented with 
calcium carbonate to help with shell maintenance and growth.  See fungus culture protocol 
below. 
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Fungus protocol- 
1.  Autoclave Pyrex petri dishes:  25 minutes gravity cycle, 15 minutes steam (these are standard 
autoclave cycles).  Autoclave 35 petri dishes (100 X 15mm size). Alternately, sterile, disposable  
plastic petri dishes can be used. 
 
2.  Mix agar:  3.9g Difco Potato Dextrose agar, 0.02g calcium carbonate to 100ml water.  We 
make 1,100ml for ~33 plates; therefore use 43 grams of Potato Dextrose Agar and 0.22 grams 
calcium carbonate in 1,100ml of water.  Use graduated cylinder to measure water.  Mix agar in 
by swirling and agitating by hand.  Cover Erlenmeyer flask with foil.   
 
3.  Autoclave agar:  24 minutes liquid cycle.  Always use metal pan to catch overflow. 
 
4.  Swirl agar until cooled:  After medium is removed from autoclave, vortex by swirling flask.  
Do this periodically until the medium cools enough to pour (~every ten minutes for an hour).  
This should keep the medium homogenous and allow it to cool evenly.  If a magnetic stirrer is 
used, be sure to autoclave medium with stir bar.  Stir on low after autoclaving until medium is 
cool enough to pour (rule of thumb: pour when the medium still feels hot, but you can hold the 
flask without insulated gloves). 
 
5.  Lift cover, pour agar in dish to a depth of 6-7 mm, replace cover, allow agar to harden and 
cool; then place upside-down in refrigerator (if fungus is not going to be inoculated the next 
day).  Agar-filled petri dishes can be stored in the refrigerator for a couple of weeks like this. 
 
6.  Inoculate plates using a contamination-free source plate.  Work in the hood, sterilize wire 
between every plate, and minimize exposure to air.  Fungus cultures take approximately a week 
to mature in the fungus incubator (24oC).  Inoculate stock plates separately and label. (Also 
maintain “Ohia Leaf 1, 2 and 3” cultures once per month.  These are stock fungus cultures with 
fungus inoculum taken directly from wild ohia leaves.) 
 
Petri Dishes- 
Glass petri dishes are used not only for culturing fungus but also as holding containers for snails 
while their terraria are being cleaned.  They should be deep enough to allow the largest snails 
adequate crawling room (those shells can be tall…).  Large-diameter petri dishes (150 X 25mm 
size) are handy for holding 10 or more snails at a time. 
 
Cleaning- All petri dishes should be regularly cleaned using a scrub pad and 70% EtOH followed 
by a thorough rinse with water.  Do not reuse a petri dish for more than one population of snails: 
wash before reusing.  Note that for fungus culture (above), petri dishes are autoclaved.   
 
Population monitoring 
Snail populations are monitored for growth and decline.  All births and deaths are recorded, and 
measurements taken of these individuals.  This enables us to produce summary statistics of 
population growth rates or declines, so that we can monitor the captive propagation program 
accordingly.  It will also help contribute to our knowledge of the life histories of these rare 
snails.  Without these data, we would have no scientific foundation on which to build a strong 
captive rearing program.  Data are recorded separately for each population (see sample data sheet 
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attached).  All snails should be accounted for each time the snails are transferred to clear terraria 
with fresh leaves. 
 
Terraria cleaning procedure (every 2 weeks): 
The following is the stepwise procedure for cleaning an individual snail terrarium.  Strict 
adherence to these steps is essential to the maintenance of healthy, growing populations of 
achatinelline tree snails (read:  this really works!). 
 
1. Wipe working counter clean using 70% EtOH (ethyl alcohol) and paper towels.  Make sure 

area is dry. 
2. Set out ample supplies of clean petri dishes and fungus (and fungus cutter).  Make sure 

leaves are ready (and pruning shears), and that water spray bottle is out.  Open current 
population logbook to the appropriate page. 

3. Remove a terrarium from an incubator and set terrarium on counter.  Carefully remove 
terrarium cover (some snails tend to stick in the corners between the cover and the terrarium, 
where moisture collects – some snails could dislodge and fall, or get crushed accidentally). 

4. Carefully remove some of the vegetation and start removing snails. [The goal here is to 
minimize handling, thereby minimizing snail stress!  Constantly stressed snail populations 
will not maintain population growth over the long-term.]  Place snails in petri dish (use large-
diameter petri dish if you have approx. 10 or more snails to unload from terrarium).  If snails 
are stuck to the sides of the terrarium, carefully dislodge them by gently scooping them with 
an ohia leaf.  If snails are already stuck to leaves, it is best to carefully remove the leaf with 
the snail on it, rather than disturbing the snail. 

5. Continue process of searching every branch and every single leaf (front and back).  Those 
keiki (and even the adults) can really hide.  You may find a snail in the most curled and dried 
leaf in the terrarium, or in a crevice in the terrarium top.  It is best to not unload all the 
vegetation from the terrarium at once, since snails may crawl away while you are searching; 
believe it or not, they can really move (especially the keiki)! 

6. Place the cover on the petri dish when you have collected all or most of the snails.  Count 
them carefully.  Be certain not to crush any snails on the edges.  Snails can be gently prodded 
or moved using an ohia leaf. 

7. Check how much fungus was eaten and record percentage.  Check fungus for snails 
(sometimes they hide there).  Remove fungus from side of terrarium and discard. 

8. Check the terrarium and cover for snails once more. 
9. Take the terrarium and cover to the sink and spray them with 70% EtOH. 
10. Count the snails again. 
11. Search any remaining leaves for keiki.  Look over branches again.  If you are working with a 

partner, switch branches with her/him and check for snails again.  Yes, this job takes 
patience!  When you are confident that all snails have been found and that there are no 
newborns, discard old leaves in trash and make sure snails are in a covered dish. Spray table 
with 70% EtOH and wipe with paper towels.  

12. Fill in data sheet (Date, % fungus eaten, amount fungus fed, Births, Deaths, # snails now in 
population, Notes) 

13. Record births- Births are assumed to be the smallest snails in the dish.  Measure these as 
accurately as possible using calipers.  It is important not to squeeze or damage the young 
snails, so you may need to just place the calipers next to the snail and estimate the length.  
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Length equals the furthest distance from the apex (pointy part) to the opposite end of the 
shell.  We generally don’t measure the width of the newborns. 

14. Record deaths- Dead snails are also measured (length x width; width equals the widest 
distance across the shell, measured with the aperture towards you, and the apex pointing up 
directly in the middle of the two sides of the caliper).  Be sure that the snail is dead; this is 
sometimes obvious, since the body may have already liquefied and oozed out of the shell.  
However it may not be so obvious, and some live snails may be retracted and appear to be 
dead.  A dissection scope can sometimes assist in determining whether or not snails are alive 
(smelling the snail at the shell’s aperture may also help—dead snails typically do not smell 
very good!). (Also, spraying water on a live snail can sometimes make them come out of 
their shell.) If you are still uncertain, make a note and put the snail back in the terrarium until 
next time.  Place the dead snail in 90% EtOH in a glass or plastic vial.  Label vial with date 
the death was discovered, population and species i.d., and shell measurements.  Write on tape 
on outside of vial using pencil or permanent ink and/or include a label inside vial.  Do not 
simply write on the glass or plastic, since this easily wipes off (even with permanent inks).  
Thoroughly clean caliper edges with ethanol to prevent potential transmission of 
bacteria/disease from dead snail to future measured snails.  

15. Scrub terrarium with a scrub pad..  Make sure there are no traces of slime or snail feces left.  
Rinse thoroughly with water. Spray terrarium with 70% EtOH. Rinse, rinse, rinse.  Make 
sure there are no traces of alcohol left on the terrarium.  Alcohol is very poisonous to snails.  
Let drain upside down for a minute or two. 

16. Bring terrarium back to working counter and begin clipping fresh branches for the clean snail 
home.  Try to keep branches as whole as will fit in the terrarium – they will last longer.  Give 
the snails ample amounts of leafy branches, but don’t pack the terrarium too full.  Try to 
arrange the branches upright and as “naturally” as possible. 

17. Cut the appropriate amount of fungus and stick it to the side of the terrarium in quarters or 
halves.  Make sure the fungus sticks and that there are no air pockets. 

18. Once everything is assembled, spray the whole terrarium with water. 
19. Place the snails back in their home by scooping them with ohia leaves.  It’s a good idea to 

count them again as they go back in, as one last double-check. 
20. Make sure all snails are in the terrarium, and none have escaped from the petri dish or started 

to crawl down the sides of the terrarium. 
21. Carefully place the cover back on the terrarium, taking care not to crush any snails.  Make 

sure the cover fits snugly and there are no openings for escapes. 
22. Place the terrarium back in the incubator, making sure plumbing is properly aligned to assure 

good rain exposure.  Now it’s time for the next one… 
23. When all of the terraria have been cleaned, it is a good idea to go through each data sheet in 

the log book and double check that nothing was missed. 
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Oahu Rare Snail Working Group Reintroduction Guidelines 
 

April 2007 DRAFT 
 
These guidelines address issues regarding the reintroduction of rare snails.  Reintroduction 
should be a supplement to habitat management not a substitute.  The final goal of a 
reintroduction being not the success of an individual snail, but the establishment of a viable 
population where natural reproduction can occur and in which genetic variation is maintained.   
Any process of rare snail reintroduction should consider the following guidelines.  Many steps in 
these guidelines require coordination with species experts, land managers and snail propagation 
facilities.  Included at the end of these guidelines is a list of resources who may be contacted to 
consult on reintroductions.  These guidelines have been broken into sections guiding actions 
before, during, and following the actual reintroduction of a snail. 
 

Considerations Prior to a Reintroduction 
 Prior to the initiation of a snail reintroduction project, there are some issues that should 
be considered to ensure the health of the species, the individual reintroduced snail, any other 
snails existing in the reintroduction location, and the surrounding habitat.   
 

1) Purpose:  Determining the purpose and anticipated end result of a reintroduction 
effort is the most essential first step in any rare snail reintroduction project.  For example, 
the purpose of a reintroduction may be to reintroduce surplus snails to relieve over-
crowding issues at snail captive propagation facilities.  Another goal may be to stabilize a 
population which has been greatly reduced in number by any number of factors such as 
stochastic environmental occurrence, predation, or disease (Hadfield, Miller, and Carwile 
1993; Coote et al. 2004).  Different goals will result in different management strategies, 
objectives, and expectations. Regardless of the purpose, it should be stated clearly and 
made clear to all participants and cooperating agencies so that no misunderstandings 
occur. 
 
2) Reintroduction scenarios:  Sites for reintroduction can be placed in at least three 
categories each having special considerations.   

o Reintroduction of a species within historical range.  This involves the 
reintroduction of a species back into a site where it had been previously 
observed but where it is not close enough to any wild sites for there to be 
genetic communication between the new reintroduction and the existing 
population. 

o Augmentations of an existing wild population.  This involves introducing 
snails into existing wild populations.  This type of reintroduction must be 
considered on a case-by-case basis for each species, utilizing all available 
genetic data.  This type of reintroduction must be done with extreme caution 
and special attention to sanitation so as to not harm the existing population 
genetically or via the inadvertent introduction of pathogens from the lab.  
Augmentation may negatively alter the genetic composition of a population if 
snails from a single parent or snails from lab selected populations are used.   
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o Introduction of a species to a site outside the known historical range.  
Agencies or individuals considering this type of introduction need also to 
consider the possible negative effects on the species.  Establishment of a 
healthy viable population may be hindered by loss of genetic variation being 
at a site away from other populations.  Possible hybridization may occur when 
bringing a species outside its historical range and into the range of another 
related species.  A site outside the known historical range may lack the habitat 
characteristics necessary for establishing a healthy population.  Contrarily a 
site outside of the known historical range of the species may be the only place 
safe from the threats that brought the species to the remnant state we find 
them in today.  In some cases, these sites may also offer the best management 
option for a particular species. 

o Relocation of snails into a predator free site.  Threat control is difficult to 
conduct across a population with scattered few individuals.  A management 
option for managers is to construct a predator exclosure and relocate snails 
into this protected site.  If using this management option, genetic issues 
should be considered.  The genetic relatedness of relocated individuals should 
be similar to individuals at destination site.   
 

3) Contacting Federal and State Agencies:  The USFWS and the State Department of 
Land and Natural Resources must be contacted once the purpose of a reintroduction has 
been determined.  Obtaining the required permits should be a consideration in any 
reintroduction effort.  Federal and State permit should be submitted 3-6 months prior to 
doing a reintroduction. For a list of snail reintroduction contacts see the table below. 

 
4) Genetic Stock:  The agency or individual that is reintroducing snails should 
coordinate with the agencies or individuals responsible for the collection and propagation 
of that snail to ensure a healthy and balanced genetic composition.  It must be determined 
if the reintroduction of snails will be augmenting numbers at an existing population or 
creating a new one.  In addition, a population geneticist may be consulted about strategies 
and alternatives when dealing with especially rare species.  For example, if numbers of 
snails available to begin a new population are limited and stock is available from a 
number of wild sites, the decision may be made to mix these stocks.  Detrimental effects 
of mixing should be considered closely and may require the use of genetic analyses in 
making a determination. This is, of course, of special concern when dealing with depleted 
wild populations with remnant genetic stock.  Snails used in reintroductions should be 
from geographically close sites to the destination site.  Genetic investigations may be 
used to determine Evolutionary Significant Units (ESUs) to identify diversity within a 
species (Holland and Hadfield 2002) or develop a genetic strategy in establishing new 
populations.  Reintroductions should be conducted using only surplus lab stock.  In 
special cases it may be necessary to move small numbers of remnant snails into a 
protected area.  Back up collections essential to preventing population or species’ 
extinctions should never be used as reintroduction stock.  It should be the shared 
responsibility of all agencies and individuals involved to leave an easy-to-follow paper 
trail back to the source population (i.e., Rare Snail Monitoring Form (RSMF) (Enclosure 
1), captive propagation inventory records).   Snails that have been in the lab for multiple 
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generations may be adapted for different conditions than the reintroduction site and may 
have high attrition rates when reintroduced.  Care should be taken not to mix gene pools 
that may be distinct and have local or microhabitat adaptations.  A site with mixed stock 
should not be close to a population in which the goal is to preserve representatives of 
geographically isolated subsets.  

 
5) Mapping:  Prior to the reintroduction of a species, the area should be precisely 
mapped.  Maps should include the historical and present range of the species, locations of 
known populations and proposed reintroduction sites.  A GIS database should be used to 
establish a permanent record of snail reintroduction efforts.  A copy of this data should be 
deposited at the U.H. Tree Snail Laboratory.  Copies of reintroduction data should be 
provided to the U.S. Fish and Wildlife Service and the State of Hawaii, Division of 
Forestry and Wildlife if a project involves endangered snails. 
 
6) Site Selection:  Once the historical range of the species is known and a 
management strategy is established, a suitable site must be selected.  A site should be 
chosen according to the biotic and abiotic elements that comprise appropriate habitat.  A 
careful review of the RSMFs may provide a great deal of information on habitat of the 
source population but experts should also be consulted.  Important characteristics to 
consider include potential host tree species, substrate type, elevation, aspect, slope, 
humidity, rainfall, canopy, and understory species cover.  It may also be important to 
note the presence or absence of other native snail species (i.e. Auriculella, Philonesia, 
Amastra, Succinea) that can be used as indicators of a habitat able to support other snail 
species. The size of the reintroduction site must be considered.  Specifically, adequate 
number of host trees must be present to support the proposed population number.  In this, 
consideration should be given to the natural density of snails in particular habitats.  For 
example, the population at the Pahole site which was dominated by Pisonia 
sandwichensis was approximately 300 total snails in a 5x5 meter area (Hadfield et al., 
1993).  Prior to reintroduction, weather monitoring stations may be utilized to confirm 
the suitability of selected sites. 
 
7) Site Preparation:  Once a proper site has been selected there are steps that should 
be taken to prepare it for reintroduction.  This preparation includes essential actions such 
as removal of rats and Euglandina rosea.  Ideal threat abatement would also include 
control of feral ungulates, and weeds.  Common native plantings may be conducted in 
combination with weed control as needed.  Diphacinone rat bait deployment in tamper 
proof bait stations can effect good rat control.  Rat control should be underway at the site 
for at least three months prior to release of snails.  A complementary method for 
controlling rats and Euglandina is to construct a predator exclosure.  Two such 
exclosures currently exist on Oahu.  The design for such exclosures can vary and is still 
somewhat experimental.  In general, terrain at a field site must be relatively flat to 
construct such an exclosure.  The feasibility of constructing a predator exclosure at a 
proposed reintroduction site should be assessed in early planning stages as these 
exclosures are both time-consuming and costly to design and construct.  If it is not 
feasible to construct a predator exclosure, the reintroduction site should be exhaustively 
searched under favorable weather conditions. 
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8) Lab Preparation:  The propagation lab should know well in advance prior to 
reintroduction, snails should be maintained on leaves from plants at the proposed 
reintroduction site so they can adjust to the new food supply for at least a month.  Fungus 
plates provided normally in the lab will be removed during this same period.  To ensure 
adequate food supply, snails will be kept at lower densities in terraria.  Environmental 
conditions in the chamber should be set to mimic destination field site conditions as 
determined by on site weather data collection.  All snails destined for reintroduction 
should be marked with unique alpha-numeric codes in order to track the survivorship of 
individual snails.  Only snails larger than 10 mm can be marked using the hole-punch and 
superglue tagging technique.  The lab should know well in advance of a planned 
reintroduction.  Additionally, to increase lab populations, wild snails can be brought into 
the lab for short periods of time to promote births (Hadfield pers comm.  2007) and then 
returned to the wild. 
 When selecting the snails to be used in reintroduction, one must consider the age 
of the individual snails and year lab population was collected.  The age class of snails 
proposed for reintroduction should be carefully considered.  Considerations should 
include the survivorship of different age classes in prior reintroduction efforts and lab 
survivorship trends.  In the lab, the sub-adult age class is the most robust (Hadfield pers 
comm. 2007).  It is recommended that no fewer than ten snails be used to start a new 
population.  The number of snails to reintroduce should be based on the total snails 
available of appropriate stock and the available habitat in the reintroduction.  
Reintroductions should be conducted conservatively at first until methods are refined. 
 

 
Considerations During a Reintroduction 

The successful reintroduction of snails from the lab to the wild or translocation of wild 
snails requires several issues to be taken into account.  
 
1) Sanitation:  Coordination with the propagator is necessary to ensure that all 
aspects of rare snail handling are done with attention to sanitation to prevent the 
inadvertent transfer of pathogens.  The Best Management Practices (BMPs) (Appendix 2-
5) should be followed at rare snail propagation facilities.  BMPs should be revised based 
on any new research/information.  Agencies and individuals involved with reintroduction 
need to coordinate with the lab staff before the reintroduction date.  A quarantine 
chamber will be used to isolate snails slated for reintroduction from others in the lab.  
Snails will be isolated in this chamber for at least three to four months prior to release. 

 
2) Transport:  Use caution when transporting snails to field sites.  Snails should be 
transported in terrarium/Tupperware that is kept in a small hard-walled cooler to maintain 
stable environmental conditions (temperature not to exceed 80°F), see photo below of 
possible transport set up. Containers will be adequately ventilated during transport.  No 
more than ten snails should be kept in a container the size of the one in the photo below 
(approximately 4”x 6”x 3”).  Stabilize the terrarium in the cooler to avoid shifting.  
Snails can be kept overnight at a staging site as stable temperatures are maintained.  
Snails may be flown in the passenger compartment of a helicopter and secured.   
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Snail transport container 

 
3) Release:  Reintroductions should be conducted during periods of ample rainfall to 
minimize the chance of snail desiccation from extended dry periods.  For example, in the 
Waianae Mountains, releases may be conducted during high rainfall months between 
December and March, but for the Koolau Mountains may be more flexible.  If crawling, 
snails will be placed directly on the leaves of an appropriate host tree.  Otherwise, snails 
will be placed in small screened baskets (see photo below) hung in host trees and 
containing leaves.  In order to encourage the movement of snails from these containers 
into host trees, squirt bottles will be used to wet the container and vegetation.  Snails will 
be released in close proximity to one another.   
 

 
Screened snail release basket 
 

When planning a reintroduction that will exceed 25 snails then you should begin 
the reintroduction effort with a test release of 25 snails to ensure site suitability. See 
monitoring section below to determine when to supplement these numbers. 

 
Considerations after a Reintroduction 
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Following a reintroduction, monitoring is essential to maintain the health of the snails 
and the surrounding habitat, and to determine the level of success.   A yearly evaluation 
of reintroduction activities will be included in year end reports and submitted to 
permitting agencies. 
 
1) Monitoring:  Following a reintroduction, the snails must monitored with mark and 
recapture methods monthly for the first six months.  Data on the size length of shell and 
lipped condition of each snail will be recorded.  Attached at Enclosure 1 is a Rare Snail 
Reintroduction Form.  In addition, ground shell plots will be established within the 
reintroduction site to track mortality of snails.  If survivorship declines more than 50% 
during this six month period if observed survivorship is <50% the release site will be 
reevaluated.  Supplemental reintroduction will be postponed until further investigations 
are conducted.   If survivorship is more than 50% then supplemental reintroductions may 
proceed.  After the initial six month period, monitoring will continue on a quarterly basis.   
 
2) Maintenance:  Ground shell plot data will be used to guide threat control.  Threat 
abatement efforts must continue following reintroduction and should be adapted based on 
monitoring data and site observations.  Threat abatement will include predator exclosure 
maintenance at least quarterly if applicable. 
 
 
 

List of Contacts Affiliation Phone Email 

Gagne, Betsy 
DLNR, DOFAW invertebrate 
permits 587-0063 betsy.h.gagne@hawaii.gov 

Liesemeyer, 
Brent Oahu NARS Manager 973-9783 brent.r.liesemeyer@hawaii.gov 
Beachy, Jane Army Natural Resources 656-8341 beachyjr@schofield.army.mil 
Saufler, Jen UH Snail Lab 956-6176 saufler@hawaii.edu 
Rohrer, Joby Army Natural Resources 656-8341 rohrerjl@schofield.army.mil 
Hiromasa, Joy USFWS, Invertebrate Program 792-9400 Joy_Hiromasa@fws.gov 
Kawelo, Kapua Army Natural Resources 656-7641 kawelok@schofield.army.mil 
Rosa, Karen FWS permits 792-9400 karen_rosa@fws.gov 
Hadfield, 
Michael University of Hawaii 539-7319 hadfield@hawaii.edu 
Miller, Steve USFWS 792-9400 Stephen_E_Miller@fws.gov 
Ching, Susan Army Natural Resources 656-7641 susan.ching@schofield.army.mil
Costello, Vince Army Natural Resources 656-8341 costellv@schofield.army.mil 
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                                                    Rare Snail Observation Form                                          Enclosure 1 
 

Scientific Name: __________________________________________      Date: _________________     
Pop Ref Code: ______________________                      Range: _____________________________ 
Elevation: _____________ft/m      Observers: ________________________    Aspect: ___________ 
 
Location/Flagging Scheme (orange/blue): 
____________________________________________________________________________________
____________________________________________________________________________________
____________________________________________________________________________________
____________________________________________________________________________________
____________________________________________________________________________________
_____ 
 
Weather: _______________________  Effort (people hours): 
__________________________________ 
GPS?  Y  /  N   Coordinates: __________________       Photo Y  /  N?  
 
Predation: Ground search conducted for fresh shells?  Y  /  N        Area searched: ________________m2 
People Hours: ______________                # intact___________               #rat damaged_____________  
Empty shells collected for reference?  Y  /  N  
 
Population Structure:       
Small Medium Large 
     
Achatinella mustelina:  small < 8 mm, medium 8-18 mm, large > 18 mm   
Koolau Achatinella:  small < 7 mm, medium 7-15 mm large >15 mm 
 
Threats/Management Recommendations/Actions Taken/Notes: 
____________________________________________________________________________________
____________________________________________________________________________________
__ 
____________________________________________________________________________________
_ 
____________________________________________________________________________________
____________________________________________________________________________________
__ 
 
Count/Density:  ___________SNAILS  __________________SNAILS/HOUR 
 
SKETCH MAP OF SITE (indicate area ground searched): 
 
 

 
  
 




